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CHAPTER 1 
INTRODUCTION 
The cytoplasm of all eukaryotic cells contains a defined network 
of fibrous proteins which has been termed the cytoskeleton. The 
three main filamentous systems which constitute this network have 
been identified as microfilaments, intermediate filaments and 
microtubules. These cytoskeletal elements have properties which 
are widely spread through all phylogenetic groups. Actins and 
tubulins, the major constituents of microfilaments and 
microtubules respectively, are highly conservative a charac-
teristic which might be explained by the many constraints im-
posed on these molecules, such as the necessity for multiple 
binding sites ( e.g. VANDEKERCKHOVE and WEBER, 1978; JACKSON, 
1982; LUDUENA and LITTLE, 1981; DUSTIN, 1985 ). The intermediate 
filaments are more heterogeneous. At least five different, tissue 
specific, types of intermediate filaments have been identified in 
animal cells ( e.g. LAZARIDES, 1980; QUAX, 1985 ), while their 
exact nature in plant cells remains obscure (DAWSON et al. 1985). 
Many cytoskeleton associated proteins have been characterized. 
MAPs, tau proteins, and dynein for instance, play a role in the 
assembly, stability and interactions of microtubules with each 
other and with other cytoplasmic components ( DUSTIN, 1985 ). 
Likewise, numerous actin associated proteins have been identified 
that play a role in the polymerization/depolymenzation of micro-
filaments or that mediate interactions of the filaments with 
cytoplasmic elements (for reviews see: GEIGER, 1983; JACKSON, 
1982). 
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Cytoskeletal elements are apparently involved in a wide range of 
processes determining the "physical" properties of the eukaryotic 
cell. Their biochemical and morphological properties, and asso-
ciations both with each other and with membranes, indicate that 
they are involved in maintaining cell shape and in supporting 
cytoplasmic consistency ( DUSTIN, 1985; LAZARIDES, 1980; JACKSON, 
1982, GEIGER, 1983 ). However, they are equally involved in more 
dynamic processes, such as the internal organization of the 
cytoplasm, plasmastreaming, cytokinesis, endo- and exocytosis, 
cell growth and morphogenesis as shown by the inhibiting effect 
of cytoskeleton poisons, the observation of associations between 
cytoskeletal elements and organelles, the movement of particles 
parallel to filaments, etc. ( PALEVITZ and HEPLER, 1975; ALLEN et 
al. 1985; for reviews see: DUSTIN, 1985; LLOYD, 1982; GEIGER, 
1983 ) . 
Despite the resemblance of the cytoskeleton in plant and animal 
cells many important differences exist. This is most obvious when 
we look at the role of the cytoskeleton in growth and morphogene-
sis in plant cells. 
The cytoskeleton in plant eel 1 growth and morphogenesis 
Most plant cells are surrounded by a cell wall. This rigid exter-
nal wall restricts the mobilitity of the cell and has at least 
partly taken over the supporting functions of the cytoskeleton 
( LLOYD et al 1980; TIWARI et al. 1984; MARCHANT, 1982 ). Al-
though the cell wall clearly maintains cell shape, it is only a 
passive element that cannot actively play a role in morphogene-
sis. It has been observed that cytoskeletal elements and the 
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cell wall act together in determining cell shape ( LLOYD et al. 
1980; MARCHANT, 1982 ). It is widely accepted that the cytoskele-
ton acts indirectly in morphogenesis by influencing the orienta-
tion of the cellulose microfibrils in the cell wall. This hypo-
thesis initially emerged from the observation that microtubules 
parallel those microfibrils deposited last in the walls of many 
plant cells. A leading role role for the microtubules in micro-
fibril orientation is strongly supported by experiments in which 
anti-microtubular agents have been used. 
Thus, the destruction of microtubules appears to disturb micro-
fibril deposition in a wide range of plant species ( for reviews 
see: DUSTIN, 1985; ROBINSON and QUADER, 1982; HEATH and SEAGULL, 
1982 ). Different hypotheses have been proposed concerning the 
role of the cytoskeleton in cell wall deposition ( HEATH and 
SEAGULL, 1982 ). However, none of these theories are satisfactory 
and the exact mechanism of microfibril deposition remains 
obscure. Moreover, in some cases microfibrils are deposited in 
highly oriented patterns without the intervention of microtubules 
( e.g. EMONS, 1983 ). 
AIM OF THIS THESIS 
From the above discussion it is clear that the exact role of the 
cytoskeleton in plant cell morphogenesis remains obscure. One of 
the reasons for this lack of understanding is that very little is 
actually known about the cytoskeletal organization, especially 
with respect to changes occurring during growth and morphogene-
sis. Therefore, one of the main objectives of this thesis is to 
present a detailed description of the structural 'behaviour' of 
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the cytoskeleton, i.e. the microtubular and microfilamentous 
systems, during cell development. In view of the supposed 
relationship between the cytoskeleton and microfibril orienta-
tion, the organization of both elements with respect to each 
other will equally be studied. 
Interactions between the cytoskeleton and the plasma membrane are 
of special interest when considering cell morphogenesis. Proces-
ses such as the increase in plasma membrane surface during cell 
growth and the exocytosis of cell wall components are most likely 
controlled by the cytoskeleton ( e.g. GEIGER, 1983; ROBINSON, 
1985 ). One example of membrane cytoskeleton interactions which 
has been studied in some detail in plant cells is the endo- and 
exocytosis by coated pits ( NEWCOMB, 1980; JOACHIM and ROBINSON, 
1984; TANCHAK et al. 1984; VAN DER VALK and FOWKE, 1981 ). These 
regions of the membrane, coated with the protein clathnn, can be 
used by the cell for membrane turnover and uptake, and the secre-
tion of such molecules as enzymes involved in cell wall synthesis 
( MERSEY et al. 1983 ). In fact, the coat proteins themselves can 
be regarded as cytoskeletal elements ( GEIGER; 1983 ). In this 
thesis detailed quantitative data will be presented concerning 
the occurrence of coated pits in different plant cells from 
different species. 
Methods 
Until recently the only possibility for studying the cytoskeleton 
in plant cells was the use of thin sectioning in electron micros-
copy (e.g HARDHAM and GUNNING, 1978; HARDHAM and GUNNING, 1979; 
SEAGULL and HEATH, 1980 ). Although this technique has been 
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extremely useful it has certain disadvantages. Firstly, it only 
provides specially restricted information on a limited number 
of cells. Secondly, even with serial sectioning it is extremely 
difficult to give a proper reconstruction of the three dimensio-
nal organization of the integral cytoskeletal network. Research 
was greatly aided by the adaptation of the indirect immunofluo-
rescence technique to plant cells which enabled the visualization 
of specific cytoskeletal elements in intact, fixed cells 
(LLOYD, 1979; WICK et al. 1981). Still, the use of electron 
microscopy remains indispensable, especially where the detailed 
structure of the cytoskeleton is concerned. Various non embedding 
techniques have been developed to overcome the difficulties 
involved with the the thin sectioning of animal cells: quick 
freeze deep etching of detergent extracted cells, and techniques 
involving the electron microscopy of fixed, critical point 
dried or freeze dried cells, have provided insight into the 
composition and organization of the cytoskeleton ( HEUSER and 
KIRSCHNER, 1980; PORTER and ANDERSON, 1982; MESLAND et al. 1981). 
Most of these techniques, however, cannot be applied to plant 
cells. For instance, plant cells do not flatten or spread like 
animal cells and therefore usually are too thick for whole mount 
microscopy, while detergent extraction causes a severe collaps of 
the vacuole disturbing cytoplasmic structure , (e.g. POWELL et 
al., 1982; COX and JUNIPER, 1983 ). For these reasons, one of the 
first steps in the study presented here has been the development 
of a non embedding technique allowing the visualization of the 
cytoskeletal network in plant cells at the electron microscopical 
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level. This method, the dry cleaving of plant cells will be 
discussed in chapter 2. 
Using both immunofluorescence and dry cleaving the organization 
of microtubules, microfilaments and coated pits was examined in 
different systems. Changes occurring during differentiation were 
studied in growing root cells, especially in cortex cells and in 
root hairs, in pollen tubes and protoplasts. 
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CHAPTER 2 
VISUALIZATION OF THE MEMBRANE BOUND CYTOSKELETON AND COATED PITS 
OF PLANT CELLS BY MEANS OF DRY CLEAVING 
( published in: Protoplasma 119, 212-218 (1984) ) 
Jan A. Traas 
SUMMARY 
A technique allowing the vizualization of the membrane bound 
cytoskeleton of differentiating cells in root tips is described. 
The technique, called dry cleaving, consists in cleaving critical 
point dried cells on grids by means of adhesive tape. The prepa-
rations show a three dimensional cytoskeletal network of 5 - lOnm 
filaments and microtubules resembling the membrane bound cyto-
skeleton of animal cells. In addition, many coated pits and 
vesicles can be observed on the membrane. 
INTRODUCTION 
Recently, considerable attention has been paid to the organiza-
tion of the cytoskeleton in eukaryotic cells. The concept of the 
cytoskeleton, a coherent network of various elements such as 
Microtubules, microfilaments and intermediate filaments, derived 
from its visualization in animal cells by means of immunofluores-
cence techniques and electron microscopy. Due to technical pro-
blems little is known about the exact organization of these 
cytoskeletal elements in plant cells. However, plant cells proba-
bly contain networks similar to those in animal cells, which are 
involved in processes such as cytoplasmic streaming, endo-, exo-
cytosis and cell wall formation ( e.g. SEAGULL and HEATH,1980b; 
FRANKE et al., 1972; COX and JUNIPER, 1983 ). The relation be-
tween the membrane bound cytoskeleton and cell wall formation es-
pecially has been discussed. Microtubules ( for a review see: 
SEAGULL and HEATH, 1982 ), but also microfilaments ( FREUNDLICH 
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1974; WILLIAMSON, 1979 ) could play a role in the process of 
directed cellulose microfibril deposition. So far, only the role 
of the membrane bound microtubules has been studied in detail 
using sections of plant cells ( e.g. SEAGULL and HEATH, 1980a ) 
and whole mount preparations of osrnotically burst protoplasts 
(MARCHANT, 1980 ). However, the membrane adherent filamentous 
network could not be visualized in sections, while the filaments 
seemed to be severely disrupted in burst protoplasts. Therefore, 
a technique allowing the visualization of the integral membrane 
bound skeleton of differentiating plant cells would be of a great 
interest. For animal cells a method was developed, called dry 
cleaving, to visualize the membrane bound skeleton by cleaving 
critical point dried cells on grids with adhesive tape ( MESLAND 
et al. 1981 ). Here I present a method to cleave critical point 
dried cells of root tips of Lepidium sativum and Ceratopteris 
thalictroides. Thus, it is possible to visualize the membrane, 
adherent cytoskeletal elements and coated pits of differentiating 
plant cells. 
MATERIAL AND METHODS 
Two plant species were used: Lepidium sativum and Ceratopteris 
thalictroides. 
Seeds of Lepidium were germinated m the dark at room temperature 
on moistened filter paper. After 24 - 36 hours seedlings without 
root hairs were transferred to petn dishes filled with distilled 
water. In 24 hours these formed extensive root hair populations. 
Ceratopteris was cultivated by cutting buds from the mother 
plants and transferring these to 30 ml beakers filled with a soil 
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extract. In 7 - 10 days the buds developed roots with hairs ( for 
a more detailed description see MEEKES, 1985 ) . 
Both Lepidium and Ceratopteris were fixed using two different 
fixation schemes, in order to find the best way to preserve the 
inner structure of the cells. 
Mostly, fixation occurred by transferring whole plants to a solu-
tion containing 2% GA, 2%PFA and 5 mM EGTA in 0.1 M sodium caco-
dylate, pH 7.1. EGTA was added to facilitate cell separation 
( WICK et al. 1981 ). After 45 - 60 minutes the root tips were 
thoroughly rinsed with PBS, pH 7.1, and post fixed in a solution 
containing 1 % tannic acid in the same buffer for 30 minutes in 
order to stabilize the cytoskeletal elements ( MESLAND ET AL., 
1981 ) . 
Some material was fixed in a solution containing 1 % GA, 1 % PFA 
and 0.2 % tannic acid in 0.5 M sodium cacodylate for 30 minutes. 
The addition of tannic acid to the fixative should produce 
increased microfilament preservation (SEAGULL and HEATH, 1980b). 
All fixations were carried out at room temperature. 
In most cases the root tips were treated after fixation with a 1% 
solution of dnselase ( Kyowa ) or ccllulase ( Onozuka ) in PBS. 
This enhanced cell separation. After fixation the root tips were 
rinsed in distilled water and subsequently gently squashed be-
tween covers lips in order to loosen the connections between the 
cells. Rows of epidermal and cortical cells could be torn from 
the roots and these were attached to grids coated with poly-L-ly-
sine. The poly-L-lysine coat had been applied to formvar/carbon 
coated grids by exposing these to a 5 mg/ml solution of the 
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protein in distilled water for one hour. The grids were rinsed in 
distilled water for one hour and used immediately. Plant cells 
adhered to the poly-L-lysine coat only when in distilled water. 
After the cells had been attached to the grids, they were post 
fixed with a 1 % Solution of OsO in distilled water for 30 
4 
minutes, rinsed, transferred to a 1 % solution of uranyl acátate 
in distilled water for 30 minutes and subsequently dehydrated in 
an ethanol series. After critical point drying the cells were 
cleaved by inverting the grids on Scotch tape and removing them 
with a forceps. The method follows the description given by MES-
LAND et al. (1981). The cleaved material was immediately examined 
in a Philips EM 201 or 300 at 80 or 100 kV. Stereo micrographs 
о 
were taken at an angle of 6 . 
As a control H35 hepatoma cells were fixed and dried in the same 
way as the plant cells. Also the effect of a dnselase and cellu-
lase treatment was tested. H35 cells, fixed and treated as 
described above did not show any significant difference with 
cells fixed using the method of MESLAND et al. ( 1981 ). 
RESULTS AND DISCUSSION 
Root cells of both plant species adhered well to the poly-L-ly-
sine coat and after dry cleaving large membrane pieces, ranging 
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from 500 to 2000 pm remained on the grids as well as many 
smaller fragments. Mainly cortical and epidermal cells were 
cleaved ( Figs. 3 - 6 ), but occasionally also root hairs ( Figs. 
1 and 2 ). However, probably due to the rigidity of the cell 
walls many cells could not be cleaved and the formvar/carbon coat 
was torn from the grid with the material. Cleavage could not be 
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enhanced by treatments with cellulases, even up to one hour, al-
though these must have affected the cell wall as cell separation 
was promoted. The walls of the observed cell types did not have 
any particular electrondense structures, so that a clear picture 
could be obtained of the membrane attached on it, with coated 
pits and the adherent cytoskeleton showing microtubules and smal-
ler filaments ( Figs. 1 - 6 ). Also organelles such as mitochon-
dria, ER and many vesicles were observed ( Figs. 1 - 6 ). 
The thickness of the cleaved layer varied from cell to cell. In 
some cases only the membrane with adherent microtubules and some 
filaments was left on the grid ( Fig. 3 ) while in other prepara-
tions a much thicker part of the cytoskeleton could be seen along 
with a complicated network of filaments ( Fig. 4 ). The membrane 
of some cleaved cells was heavily damaged, with big holes while 
the cell wall seemed to be absent ( Fig. 5 ). Probably the wall 
and part of the membrane were torn from these cells during cell 
separation. These cells adhered well to the grids and cleaved 
easily, leaving sometimes large parts of the cytoplasmic network 
naked. 
Both fixation methods resulted in a similar appearance of the 
cytoskeleton, although microtubules were somewhat better preser-
ved when tannic acid was included in the fixative. 
In interpreting the morphology of the membrane associated cyto-
skeleton, it is important to consider the question of artefacts. 
As the technique described here includes conventional chemical 
fixation, dehydration and drying, the artefacts that can be in-
troduced by this method are well documented. In general aldehyde 
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Figs. 1 and 2 dry cleaved root hair of Lepidium, fixed in 2% PFA 
and 2% GA ( large arrow: long axis of the cell ) 
Fig. 1. Survey of the root hair, with microtubules running 
parallel to the long axis of the cell ( x5,500 ) 
Fig. 2. Detail of the root hair, showing microtubules ( arrows ) 
running parallel to each other and many coated pits ( pointers ). 
( χ 17,500 ) 
Fig. 3. Cleaved cortical root cell of Ceratoptens ( fixed in 1% 
PFA, 1% GA and 0.2% tannic acid, showing microtubules ( arrows ) 
and coated pits ( pointers ). The filamentous network is not 
visible although remnants of the filaments can be observed ( open 
pointers ). ( χ 40,000 ) 
treatment causes limited changes in the cytoskeletal net­
work ( HEUSER and KIRSCHNER, 1980; PORTER and ANDERSON, 1982 ). 
Therefore it cannot be ruled out that part of the filaments 
visualized in cleaved plant cells are modified by the fixation. 
As far as the critical point drying is concerned there do not 
seem to be important artefacts ( PORTER and ANDERSON 1982 ).Thus, 
assuming that the cytoskeleton in plant cells reacts in a similar 
way to fixation and drying as the cytoskeleton of animal cells, 
there is good reason to believe that plant cells also do possess 
filamentous protein networks. 
In conclusion: dry cleaving of plant cells is a very reliable 
method for studying the membrane bound cytoskeleton. The techni­
que allows the visualization of cytoskeletal elements on more ex­
tensive memebrane surfaces than those usually covered by sectio­
ning for EM or high voltage EM ( cf. HARDHAM and GUNNING, 1978 ). 
Moreover, though very suited for the study of microtubular ar­
rays, sectioning does not give information about the organiza­
tion of the microfilamentous network, while cleaving does. Fila­
mentous networks have been visualized in whole mount preparations 
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Fig. 4. Stereo migrograph of a cortical cell of Lepidium ( fixed 
in 2% PFA and 2% GA ) showing 5 - lOnm filaments (open pointers), 
microtubules (arrows) and coated pits (pointers). (30,000) 
of Bryum tenulsetum ( JUNIPER and COX, 1983 ) and in thin sec-
tions after removal of the embedding medium ( WARDROP, 1983 ), 
but these techniques seem to be unfit for studying the membrane 
bound skeleton. 
MICROTUBULES 
In all cells of both plant species microtubules could be observed 
running apart or in bundles of two or more, roughly parallel to 
each other ( Figs. 1,2,5 and 6). They were found only near the 
membrane, also in thicker preparations ( Fig. 4 ). The micro-
tubular pattern appeared to be the same in both plant species, 
though differences were observed between the various cell types. 
In root hairs most microtubules run more or less parallel to the 
long axis of the cell ( Fig. 1 ), while in elongating cortical 
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Fig. 5. Cortical cell of Lepidium ( fixed in 2% PFA and 2% GA ) 
with microtubules ( arrows ), filaments ( open pointers ) and 
coated pits ( pointers ). ( χ 30,500 ) 
Fig. 6. Cortical cell of Ceratoptens (fixed in 2% PFA and 2% GA) 
with microtubules ( arrows ), and a network of filaments ( open 
pointers ) ( m: mitochondrion ). ( χ 30,000 ) 
and epidermal cells they run perpendicular to the long axis. 
These findings correspond with the results of other authors 
(e.g. EMONS 1982; GUNNING, 1981 ; see also chapters 4, 5 and 6 ). 
As large pieces of the membrane were left on the grids, it was 
possible to estimate the length of the cortical microtubules. The 
results, so far, indicate them to be of variable length, ranging 
between 0.5 to 20 pm in cortical cells of Ceratopten s, the mean 
length exceeding 6 urn. A more detailed study on cortical micro­
tubules will be presented in chapters 4 and 6. Microtubules of 
plant cells are usually assumed to be much shorter ( HARDHAM and 
GUNNING, 1978 ). In root hairs of radish and in root tip cells of 
Azolla their mean length does not exceed 2 - 3 pm, while micro­
tubules longer than 8 urn seem to be rare ( HARDHAM and GUNNING, 
1978; SEAGULL and HEATH, 1980a ). 
FILAMENTS 
In most preparations of Lepidium networks of filaments were 
observed, resembling the filamentous cytoskeletons in animal 
cells ( Figs. 4 - 6 ). The diameter of the filaments varied from 
5-10 nm. Individual filaments were regularly seen attached to 
membranes, microtubules and organelles ( Figs 4 - 6 ). No parti­
cular patterns could be discerned m the microfilamentous net­
work and no obvious differences between the observed cell types 
were visible in this respect. 
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In many preparations of Ceratoptens the filamentous networks 
were absent, being obviously disrupted for some unknown reason 
( Fig. 3 )· Still, filaments were visible in many dry cleaved 
cells of Ceratoptens organized in networks similar to those 
found in Lepidium ( Figs. 5 and 6 ). Many individual filaments 
varied in thickness, thus resembling the microtrabeculae in 
animal cells. The nature of these filaments remains unknown. In 
animal cells actin appears to be the most prominent component of 
the microtrabeculae ( PRYZWANSKY et al. 1982 ). Although the size 
of the filaments observed in cleaved plant cells suggest that 
they are actin microfilaments, there might also be other, even 
unidentified filamentous proteins. In the cytoskeleton of proto-
plasts for instance, fibrils of 7 nm running in bundles were ob-
served ( POWELL et al. 1982 ). The authors suggest that these 
fibrils might be related to the P-proteins. 
THE INNER SURFACE OF THE PLASMA MEMBRANE 
The inner surface of the plasma membrane had a similar appearance 
in all observed cell types in both plant species. The membrane 
seemed to be very smooth, and only coated pits and vesicles were 
seen on its surface ( Figs. 2 - 5 ). The diameter of the vesicles 
was rather constant and the results so far indicate that they are 
quite small, ranging from 75 - 100 nm which corresponds to the 
findings of other authors ( e.g. NEWCOMB, 1980 ). In some cases 
filaments were linked to the pits and vesicles, resembling the 
spokes described by MESLAND et al. ( 1981 ) ( Fig. 5 ). The pits 
often occurred in groups, these groups being randomly spread on 
the membrane. The occurrence of coated vesicles on the membrane 
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of plant eels is of special interest. Their role in endocytosis 
in animal cells seems to be clear ( PEARSE and BRETCHER, 1981 ), 
but in plant cells little is known about their function ( NEWCOMB 
1980 ). As no uptake of complex molecules by endocytosis has been 
reported for higher plant cells, it is unlikely that they play a 
role in such a process. Therefore it is possible that coated pits 
formed on the plasma membrane might be involved in the recycling 
of the membrane and/or the transport of membrane bound molecules. 
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CHAPTER 3 
GOLD LABELLING OF MICROTUBULES IN CLEAVED WHOLE MOUNTS OF CORTI-
CAL ROOT CELLS 
J.A. Traas, H.M.P. Kengen 
(submitted for publication) 
SUMMARY 
A method is described for localizing microtubules using gold 
labelled antibodies in combination with antitubulin. Cortex cells 
of Equisetum hyemale are broken open while still in buffer, after 
initially being attached to poly-L-lysine coated grids. Thus, the 
cytoplasm becomes accessible to the antibodies. After application 
of the antibodies, the cleaved cells are postfixed, stained, 
dehydrated and critical point dried. 
Different fixation procedures are compared: fixation in para-
formaldehyde, in glutaraldehyde, and in glutaraldehyde followed 
by a sodium-borohydride reduction step. All three methods result 
in a good labelling of the microtubules, with low backgrounds. 
However, the organization of tho cytoplasm is best preserved in 
cells fixed in glutaraldehyde without a sodium-borohydride treat-
ment. 
The method is highly suitable for studying the membrane bound 
cytoskeleton because detergent extraction and/or embedding are 
avoided. 
INTRODUCTION 
Fluorescence microscopy has been very useful in analyzing the 
distribution of specific cytoskeletal elements in plant cells 
(e.g. LLOYD et al. 1979; PESACRETA et al. 1982). However, these 
results have to be correlated with high resolution ultrastruc-
tural studies. With the exception of microtubules, cytoskeletal 
elements need further identification by means of immunodetection 
at the electron microscopical level. Gold is widely used as an 
electron-dense label for immuno-electron-microscopy and has im-
portant advantages over other markers such as ferritin and per-
oxidase ( e.g. PAINTER et al. 1973; WEBSTER et al. 1978; DE 
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BRABANDER et al. 19 77; HENDERSON and WEBER, 19 79 ; DE MEY et al. 
1981; GEUZE et al. 1981 and references therein ). As gold par-
ticles do not penetrate readily into the cytoplasm, they are 
usually applied to thin sections of frozen or low temperature 
embedded material (for reviews: POLAK and VARNDELL, 1985) or to 
fixed, detergent extracted cells (DE MEY et al. 1981; LANGANGER 
et al. 1984). However, these methods are not satisfactory for 
studying the three-dimensional distribution of cytoskeletal ele-
ments in plant cells: sectioning gives only specially restricted 
information, whereas detergent extraction disturbs cytoplasmic 
organization and cytoskeleton-membrane interactions. 
A cleave technique has recently been developed for studying plant 
cells which allows the visualization of the plasma membrane and 
its adherent structures (TRAAS, 1984; MESLAND et al. 1981): fixed 
plant cells are attached to a grid and broken open after 
staining, dehydration and critical point drying. After this 
procedure the thin layer of plasma membrane adherent cytoplasm 
remaining on the grid can be studied directly in the electron 
microscope. 
This method as such is unsuitable for immuno-labelling, as the 
cells are cleaved after drying and would have to be rehydrated. 
Furthermore, the glutaraldehyde-osmium tetroxide fixation can 
modify or even destroy the antigenic sites. 
Here we describe a modification of the dry cleaving method which 
employs gold laoelled antibodies for the detection of cyto-
skeletal elements and membrane associated structures. In our 
attempts to adapt the technique we focussed on the detection of 
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microtubules since they can be easily recognized and the dry 
cleaving technique has been used succesfully to describe their 
distribution ( TRAAS et al. 1984 ). 
MATERIAL AND METHODS 
Stem cuttings of Equisetum hyemale were grown in tap water under 
greenhouse conditions. Roots developed after 10 - 14 days. Young 
roots of 3 - 5 cm with growing hairs were used. 
FIXATION 
Different fixation procedures were compared but always PIPES 
buffer (50 mM, pH 6.9) containing 10 mM EGTA and 5 mM magnesium-
sulphate was used: 
procedure A: 
1. Fix tissue in 3% paraformaldehyde (PFA) in buffer for 2 h. 
2. Rinse in buffer and treat the intact roots with 1 - 2 % 
cellulase ( Onozuka ) for 15 min. 
3. Split 5mm root segments in two and attach the halves to 
poly-L-lystne coated grids ( in distilled water ). Allow 
the cells to adhere and remove the root halves from the 
grids. A number of broken open cells remain on the grid. 
4. Treat cleaved cells with 5% bovine serum albumine (BSA) in 
buffer for 5 min. 
5. Add the first antibody ( monoclonal antitubulin, MAS 077, 
Sera Lab ), 2 h. at 37° C. Add the second antibody (5 nm 
gold labelled goat anti rat, Janssen pharmaceutica ), 3 h. 
at 37· С 
6. Rinse and postfix in 0.1% glutaraldehyde (GA) in buffer 
for 30 mm. Postfix in 0.1% osmium-tetroxide, stain in 
0.5% uranylacetate, dehydrate in ethanol and prepare for 
critical point drying. 
Procedure B: 
1. Fix tissue in 0.5% GA m microtubule stabilizing buffer 
for 2 h. 
2. Treat with cellulase ( 2 - 5% ) , 30 mm. 
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3. Attach cells to grids ( procedure A ). 
4. Treat cells twice with sodium-borohydnde (1 mg /ml), 5 
min. each time. 
5. Treat the cleaved cells with 5% BSA in buffer, for 5 
min. 
6. Add primary and secondary antibodies (see procedure A). 
7. Postfix in GA (0.1%) and prepare for critical point drying 
as described for procedure A. 
Procedure C: 
As procedure B, but step 4 (sodium-borohydnde step) is 
omitted. 
Treatment with tannic acid, which enhances cytoskeletal 
preservation, was omitted as it formed a precipitate, probably in 
combination with the BSA. 
RESULTS 
Cortex cells of Equisetum hyemale are easily cleaved in buffer, 
leaving the outer layer of the cell, consisting of the plasma 
membrane and the adhering cytoplasm, exposed on the grid. 
After further fixation, dehydration and critical point drying the 
filamentous network, mitochondria and the endoplasmic reticulum 
can be discerned in the EM. As tannic acid treatment is omitted, 
the contrast of the preparations is reduced: especially the tube 
structure of the microtubules is less evident. Of the three 
procedures tested, procedure С gives the best preservation of the 
cytoplasm (compare figs. 1 - 4 ) . PFA pre-fixation apparently is 
not sufficient to preserve the fine structure of the cytoplasm. 
The microtubules are often fragmented, while other filamentous 
structures have a distorted appearance (fig. 1). 
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Fig. 1 - 4. Gold labelling of microtubules using different 
procedures (see material and methods). Fig. 1. Labelling of PFA 
prefixed cells. Microtubules are clearly labelled, but they are 
often broken (arrows). Most of the filamentous network has 
disappeared. -Bar: 0.25 pm. Fig. 2. GA-fixed cell treated with 
borohydride prior to labelling. Microtubules are labelled, but 
the cytoplasm is not well preserved -Bar: 0.5 pm. Fig. 3. 
GA fixed cell. Microtubules are labelled, the fine structure of 
the cytoplasm is well preserved. Bar: 0.25 um. ?ig. 4. Detail 
showing a labelled microtubule in a GA-fixed cell . Bar: 0.1 
um. 
Treatment of cells with borohydride distorts the cytoplasmic net-
work, whereas microtubules are difficult to recognize ( fig. 2 ). 
All three procedures result in a distinct labelling of 
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microtubules. Aspecific binding of gold labelled anti-bodies can 
be reduced using 5% BSA prior to labelling although some back-
ground staining remains, mainly due to binding of the primary 
antibody. Treatment of GA-fixed cells with borohydnde gives 
highly inconsistent results. Labelling is satisfactory in many 
cell«; but in other preparations microtubules remain unlabelled. 
GA-fixation without borohydnde treatment gives good labelling of 
the microtubules. The background staining in these preoarations 
is low, comparable to that found m PFA fixed material (figs.l, 3 
and 4) . 
DISCUSSION 
The present results show that plant cells can be broken open in 
aqueous solutions, giving results that are comparable to those 
obtained using the dry cleaving method (TRAAS, 1984; MESLAND et 
al. 1981). The thin layer of cytoplasm left after cleaving is 
easily accessible for the gold particles and even microtubules 
associated with the membrane can be labelled. While PFA appears 
to be unsuitable as a pre-fixative, GA remains necessary for 
the protection of the cytoplasmic fine structure during the 
cleaving procedure. This is an important restriction for the 
antibodies, as GA can cause a highly aspecific binding of anti-
bodies (e.g. CANDE et al. 1977; WEBER et al. 1978) and a loss of 
antigenicity. The anti-tubulin that we have used can be applied 
to GA-fixed material and aspecific binding can be reduced using 
albumin. Some background staining can still be observed, but this 
might represent unpolymerized tubulin (compare: MESLAND and 
SPIELE, 1984). In contrast, we have not been successful in 
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applying HMM and anti-actin antibodies to GA-fixed cells ( TRAAS, 
unpublished ). Borohydnde treatment can be used to reduce free 
aldehydes which aspecifically can bind the antibodies. However, 
when borohydnde was applied to the cleaved cortex cells, the 
cytoplasm often had a distorted appearance. In addition, anti-
body binding was highly variable. 
The method presented here may have a high potential in the 
detailed analysis of the membrane adherent cytoskeleton in plant 
cells. The limiting factor in the use of the present technique 
may still be the modification of the antigenic sites by the GA-
fixation. The optimal conditions were determined using cortical 
root cells but it is obvious that the technique can be applied 
to a wide range of cells. 
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CHAPTER 4 
CHANGES IN MICROTUBULE ARRAYS DURING THE DIFFERENTIATION OF COR-
TICAL ROOT CELLS OF RAPHANUS SATIVUS 
( published in: Eur. J. Cell Biol. 34, 229 - 238 (1984) ) 
Jan A. Traas, Paul Braat, Jan W. Derksen 
SUMMARY 
Cortical microtubule arrays in meristematic and differentiated 
cortex cells from root tips of Raphanus sativus were studied 
using both immunofluorescence and dry cleaving. Length, density 
and orientation of the cortical microtubules were measured. Be-
tween individual, non-dividing cells of the meristematic zone 
the mean microtubule length varied from 0.9 to 1.3 pm and the 
density varied from 1.7 to 3.2 pm microtubule/ square urn mem-
brane. The direction of the cortical microtubules, running paral-
lel to each other in individual cells, appeared to be more or 
less perpendicular to the root axis at angles of 85°- 90°. 
In elongated cortical cells the mean length had increased to 
values between 2.6 and 6.7 pm, while the density had decreased 
to 0.9 - 1.9 pm/sq.pm. Microtubules remained parallel to each 
other within one cell, although their angle with the root axis 
changed to highly variable values: between IO" and 80° . The re-
sults clearly show that important changes occur in the cytoske-
leton during the differentiation of cortical cells. 
INTRODUCTION 
Since their discovery in higher plant cells ( LFDBETTER and POR-
TER, 1963 ) microtubules have received considerable attention. 
However, their exact function remains unclear. 
As cortical microtubules run parallel to nascent cellulose micro-
fibrils in the walls of many plant colls, it is generally assumed 
that they are involved in microfibril orientation and thus, indi-
rectly, in the control of plant cell shape ( GUNNING, 1981; HEATH 
and SEAGULL, 1982 ). However, in some cases microfibrils seem to 
be deposited in highly organized patterns without the participa-
tion of microtubules ( EMONS, 1982; EMONS and WOLTERS-ARTS, 1983; 
GUNNING, 1982; ROBINSON and QUADER, 1982 ). It has also been de-
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monstrated that in carrot root cells microtubules are necessary 
to maintain cell shape ( LLOYD et al., 1980 ). Thus microtubules 
possibly play a more direct role in determining plant cell shape, 
as they obviously do m animal cells ( OCHS, 1982; WARREN, R.H., 
1974 ). 
Recently the organization of microtubules has been studied in 
various plant cells using EM and immunofluorescence ( HARDHAM 
and GUNNING, 1978; LLOYD et al., 1980; LLOYD, 1983; SEAGULL and 
HEATH, 1980; WICK et al., 1981 ). It has been shown that microtu-
bular arrays contain bundles of overlapping, relatively short 
elements. These arrays appear to be very dynamic. However, quan-
titative information, especially concerning changes in the micro-
tubular skeleton is still limited. Though both sectioning for EM 
and immunofluorescence are very useful in studying the cortical 
microtubule skeleton, these techniques do have some disadvanta-
ges. Sections provide only limited information on the higher or-
der patterns of microtubules in the cell, while immunofluorescen-
ce does not allow a detailed analysis of microtubule populations, 
as individual tubules are not visible in the bundles, even at 
higher magnifications. 
Recently a new technique, dry cleaving, has been introduced for 
plant cells. This technique provides EM preparations of large 
plasmalemma surfaces with adherent cytoskeletal elements, allo-
wing an investigation of both fine structure and overall organi-
zation of the microtubule arrays in plant cells ( Traas, 1984 ). 
We have used this technique to study quantitatively the geometric 
disposition of the cortical microtubules in menstematic and cor-
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tical cells of Raphanus sativus. Furthermore, microtubule skele-
tons in intact cells were studied using immunofluorescence ( WICK 
et al., 1981 ). The results show large differences in length, 
density and orientation of the microtubules in menstematic and 
differentiated cortex cells of Raphanus roots. 
MATERIAL AND METHODS 
PLANT MATERIAL 
Seeds of Raphanus sativus were germinated in the dark at room 
temperature on moistened filter paper. Roots with full grown 
hairs generally developed within 48 to 60h. We used cells from 
the menstematic zone and cells from the cortex of both the elon-
gating and the root hair zone. 
FIXATION AND PREPARATION FOR IMMUNOFLUORESCENCE 
Roots were prepared for immunofluorescence as described by WICK 
and DUNIEC ( 1983 ). The first antibody was a monoclonal antitu-
bulin ( MAS 077, Sera Lab.) and the second a fluorescein labelled 
anti-rat Igg from rabbit ( Nordic ). Preparations were examined 
under a Leitz Orthoplan microscope and a lOOx oil immersion lens. 
Photographs were made with a Leitz Vano Orthomat combination on 
Agfapan professional film 400 ASA. 
FIXATION AND PREPARATION FOR ELECTRON MICROSCOPY 
All plants were fixed in 1% glutaraldehyde, 1% formaldehyde, 0.2% 
tannic acid and 5 mM EGTA in 0.05M sodium cacodylate, pH 7.1 for 
one hour. After fixation the roots were rinsed in PBS and subse-
guently treated with 3% cellulysin ( Calbiochem ) in PBS for 15 
minutes. Cells from the menstematic zone and elongated, diffe-
rentiated cortex cells from the root hair zone were separated 
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from the roots and attached to poly-L-lysine coated grids. They 
were succesively postfixed in 1% OsO in distilled water, stained 
4 
in uranyl acetate 1% in distilled water and critical point dried 
after dehydration in ethanol. Subsequently the cells were cleaved 
on adhesive tape as described previously ( MESLAND et al. 1981; 
TRAAS, 1984 ) and examined in a Philips EM 300. 
DATA COLLECTION 
Cleaved cells were photographed and printed at a final magnifica-
tion of approximatively 25,000x. The exact magnification was es-
tablished using a grating replica. Microtubules were traced from 
the micrographs on plastic sheets. Length, orientation and den-
sity were measured using a Kontron Videoplan computer. 
RESULTS 
DIFFERENTIATION OF CORTEX CELLS 
The developments of cortical cells was studied using scanning EM 
on critical point dried material and light microscopy on intact, 
lactophenol treated rootlets ( HARDHAM and GUNNING, 1979 ). Pre-
liminary observations showed that longitudinal expansion mainly 
occurs in the elongation zone ( an increase in length of 
approximately 8x ), although the cortex cells continue to elon-
gate in the root hair zone, where an increase in length of ap-
proximately 50% was measured. Lateral extension starts in the 
zone of elongation and equally continues in the root hair zone. 
From the base to the upper edge of the root hair zone the radial 
surface of the cells shows an average increase of about 75% 
though great differences between individual cells were observed. 
Cells neighbouring the epidermis or endodermis expand only to a 
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limited extent, whereas cells at almost equal distances to the 
inner or outer layer of the cortex show the largest increase in 
cell diameter ( about 2 - 3x ). 
IMMUNOFLUORESCENCE OF INTACT CELLS 
Cells of Raphanus rootlets possess a well developed microtubular 
system with highly regular patterns. Menstematic cells and cells 
from the elongation zone show hoops or flat helices of micro-
tubules, transverse to the root axis ( Fig. 1 ). Elongated corti-
cal cells show helical patterns, most probably constituted of 
microtubule bundles ( Fig. 2 ). The pitch of these helices is 
highly variable: the main orientation of the microtubules with 
the cell/root axis varies from transverse to almost longitudinal. 
Even neighbouring cells display completely different orienta-
tions. Only occasionally do these cells show nonhomogenous 
patterns as is illustrated in Figure 2b. The orientation of the 
microtubules appears to be independent from the size of the 
elongated cells and from the distance of the cells to the root 
tip. No free endings of the helices were observed. 
CORTICAL CYTOPLASM OF DRY CLEAVED CELLS 
After cleaving individual cells and even rows of cells were 
broken open. Mostly, cortical cells cleaved right through the 
large vacuoles, leaving intact the entire cytoplasm between plas-
ma and vacuole membranes. However, due to their high cytoplasmic 
content, menstematic cells cleaved at different planes, but 
mostly directly over the plasma membrane with its associated mi-
crotubules . 
The critical point dried cytoplasm did not differ markedly from 
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Fig. 1. Immunofluorescence microscopy of meristematic (a) and 
elongating (b,c) cells showing the transverse orientation of the 
microtubules. - Bars 5 pm. 
that of Lepidium and Ceratopteris cortex cells described pre-
viously ( Traas, 1984 ). Organelles like ER and mitochondria were 
seen in all preparations (Figs. 3,4). In many cells the ER ap-
peared to form an extensive network dividing the cytoplasm into 
compartments of roughly the same size (Fig. 4b). On the plasma 
membrane coated vesicles, microtubules and many smaller, irregu-
lar shaped filaments were visible. In many cells, though, the 
smaller filaments were absent, probably due to the preparation 
procedure ( see also Traas, 1984 ). 
MICROTUBULAR ARRAYS 
In all cleaved cells microtubules formed arrays of smooth tubules 
near the plasma membrane. Microtubule-terminations were usually 
not covered with electron-dense material and had mostly a fuzzy 
appearance (Fig. 3b ). When all other cytoplasmic elements had 
been removed during the preparations, microtubules were still 
found on the membrane, suggesting a connection with the latter. 
However, clear bridges with the plasma membrane were not observed 
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Fig. 2. Immunofluorescence microscopy of elongated cortex cells 
showing different microtubule arrangements.-a. Transverse orien-
tation.-b. Different orientations within one cell (arrows). 
c. Helical arrangement. - Bars 5 ]im. 
probably because they were hidden underneath the microtubules. 
Although connections between adjacent microtubules have been 
observed occasionally in cleaved cells, their nature is obscure, 
since they are not distinguishable between other filamentous 
structures near the microtubules and thus may be remnants of a 
partly removed filamentous web overlying the microtubules. 
LENGTH OF MICROTUBULES 
In all cleaved cells the length of the microtubules appeared to 
be highly variable, generally in the range of 0.5 to 25 pm. Since 
on a cleaved surface all microtubules were measured, including 
those broken off at the edge of the cleaved area and those cover-
ed partly by cell organelles, the values presented here must be 
considered minimum values. 
In menstematic cells of Raphanus the length of the microtubules 
ranged between 0.5 and 6.0 pm (Fig. 5). In all cells similar dis-
tributions were found, the mean length ranging from 0.9 to 1.3 
pm, but most microtubules appeared to be shorter than 1 pm; the 
mode of the distributions was between 0.4 and 0.8 pm. Microtubu-
les exceeding 6 urn were rarely observed, although the cleaved 
surfaces were much longer (15 - 25 pm). 
In cortical cells of the root hair zone the microtubules were 
longer than in menstematic cells. The mean length had increased 
considerably, from 0.9 to 1.3 pm in menstematic cells to values 
between 2.6 and 6.7 pm, mainly because the number of longer 
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microtubules was much higher (Fig. 6). Still in most cortical 
cells a majority of the microtubules was relatively short ( mode 
below 2.5 pm, see Table I ). 
Fig. 3a. The cortical cytoplasm of a dry cleaved cortex cell of 
Raphanus, showing ER, microtubules (mt), filaments of approx. 8 
nm (f), a filament bundle (fb), a mitochondrion (m), coated pits 
(cp) and coated vesicles (cv). - Bar 0.5 pm. -b. Detail of a cor-
tex cell showing microtubules with "fuzzy" endings (circles). 
Bar 0.25 pm. 
DENSITY OF MICROTUBULES 
The density of the microtubule arrays appeared to be highly 
variable in both meristematic and cortical cells. The density in 
cortical cells was usually lower than in meristematic cells ( see 
Table I ). In order to quantify the degree of clustering, the 
distance between the microtubules was measured in a number of 
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Fig. 4. Cleaved meristematic (a) and elongated cortex cells (b). 
In (b) the microtubules (arrows) are deviating approx. 60° from 
the longitudinal axis of the cell. -Bars 2 pm. 
cells. For this purpose lines were drawn on the micrographs per­
pendicular to the main orientation of the microtubules with in­
tervals of 5 pm. The distance between adjacent microtubules was 
determined at the intersections with these lines. The results 
show that on both meristematic and cortical cells microtubules 
are not distributed homogeneously. The mode of the distributions, 
respectively 86 and 96 nm, is considerably lower than the mean, 
307 and 473 nm, indicating that the microtubules are clustered in 
bundles (Fig. 7). 
ORIENTATION OF MICROTUBULES 
Within individual cells microtubules were always oriented more or 
less parallel to each other, though some did show atypical direc­
tions especially when deviating from one bundle to another. In 
order to establish the variability in orientation in individual 
microtubules we divided randomly chosen microtubules in 250 nm 
segments. The deviation in orientation from the mean direction 
was measured in 100 microtubules from both meristematic and cor-
o 
tex cells. About 70% of the segments deviated less than 6 from 
о 
the mean orientation, however, values up to 20 were found (Fig. 
8 ). No differences between meristematic and cortical cells were 
observed. 
ORIENTATION OF MICROTUBULES IN MERISTEMATIC CELLS 
In meristematic cells, both immunofluorescence and dry cleaving 
showed microtubules oriented perpendicular to the axis of the 
root ( compare Figs. 1, 4, 9 ). In Figure 9 the distribution of 
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microtubule orientation is shown. In all cells similar distribu­
tions were found. In individual cells the mean angle of 
о о 
microtubule arrays with the root axis varied between 84 and 95 
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Fig. 5. Length distribution of microtubules in menstematic 
cells. -a. Pooled results of 4 cells (902 microtubules). 
-b. Length distribution m one cell (319 microtubules). 
Fig. 6. Length distributions of microtubules in cortical cells. 
a. Pooled results of 9 cells (692 microtubules), -b. Length dis­
tribution in one cell (319 microtubules). 
( TABLE I ). Plots of microtubule orientation showed that little 
variation occurred: in individual cells 90% of the population de­
viated less than 15% from the mean angle, while only 5% of a 
о 
total of 902 microtubules diverged more than 20 from the root 
axis (Fig. 9). 
ORIENTATION OF MICROTUBULES IN CORTICAL CELLS 
In cortical cells the orientation of the microtubules differed 
54 
! t ί a io 12 и ie lé го' 
Fig. 7. Intermicrotubule distance in meristematic cells (a)(mode 
of the distribution at 86 nm, mean at 307 nm) and in elongated 
cortex cells (b)(mode at 95 nm, mean at 473 nm). The histograms 
represent the pooled results of 3 cells of each cell type. For 
details see text. 
Fig. 8. Variability of orientation in individual microtubules.-
The histogram shows the divergence distribution of 250 nm seg­
ments from the main orientation of individual microtubules. For 
details see text. 
significantly from that in meristematic cells. Both immunofluo­
rescence and dry cleaving showed highly variable mean directions 
of the microtubule arrays (Fig. 2, 4, 10). The distribution of 
the orientations is given in Figure 10. The orientations were 
о 
always measured in values varying from 0 to 360 . The consequence 
of this procedure is that microtubules deviating only little from 
the long axis of the cell may show large numerical differences, 
о о 
e.g. 1 to 359 , although they run almost parallel to each other. 
Thus the mean of the distribution can differ greatly from the 
mode, in this case the latter representing a better standard for 
the main direction of the microtubular array. 
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Fig. 9. Distribution of microtubule orientation in menstematic 
cells, -a. Pooled results of 4 cells (902 microtubules), -b. Dis­
tribution in one cell (203 microtubules). 
fig. 10. Distribution of microtubule orientation in elongated 
cortical cells. -a. Histogram showing the mode of the distribu­
tions (i.e. main deviation from the longitudinal axes) of a total 
of 20 cells. -b. Distribution of microtubule orientation in one 
cell. 
For graphic representation the modes were converted to values be-
o 
tween 0 and 90 , i.e. the absolute deviation from the axis of the 
о 
cell (Fig. lOa ). The values range between 10 and 80 with a peak 
о 
at about 60 ( see also Table I ). Within individual cells 
microtubules run mostly parallel to each other (Fig. 10). In some 
cases however, entirely different orientations were found within 
one cell ( not shown for dry cleaving, see fig. ?b ). Since even 
neighbouring cells can show completely different orientations 
( data not shown ) the orientation of the microtubule arravs in 
the cortex cells does not change gradually from the base to the 
upper edge of the root hair zone. The orientation of microtubules 
does not seem to be related to length and density. 
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Angle Length(um) 
mean 
(s. d 
88.3 
93.3 
83.2 
98.0 
49.9 
61.9 
76.7 
62.1 
53.1 
22.8 
33.2 
lev.) 
(20.9) 
( 9.1) 
( 7.3) 
(25.1) 
( 9.2) 
( 8.4) 
( 6.0) 
(16.8) 
( 7.8) 
( 7.3) 
( 8.7) 
66.2(122.1) 
60.3(107.9) 
21.5 (57.3) 
mode 
87.3 
93.4 
84.4 
95.0 
48.1 
65.0 
80.0 
59.7 
54.2 
20.5 
32.5 
15.4 
15.8 
11.0 
mean 
(s. 
1.1 
1.2 
1.3 
0.9 
3.3 
3.0 
3.5 
2.6 
3.0 
5.3 
3.8 
6.7 
3.9 
5.0 
dev. ) 
(0.7) 
(0.8) 
(1.1) 
(0.6) 
(2.2) 
(2.6) 
(2.3) 
(1-6) 
(2.1) 
(2.5) 
(2.2) 
(4.3) 
(2.6) 
(2.9) 
mode 
0.5 
0.8 
0.5 
0.4 
1.7 
1.4 
2.1 
1.3 
0.8 
5.7 
5.8 
13.3 
1.6 
3.7 
density 
1.7 
2.4 
2.9 
3.2 
1.6 
1.8 
1.7 
1.9 
0.9 
1.2 
1.8 
1.1 
0.9 
1.2 
N 
206 
319 
230 
146 
85 
187 
129 
151 
54 
25 
24 
41 
44 
37 
celltyp' 
menstem 
meristem 
menstem 
meristem 
cortical 
cortical 
cortical 
cortical 
cortical 
cortical 
cortical 
cortical 
cortical 
cortical 
Table I. Numerical parameters of microtubules in individual me-
nstematic (menstem) and cortex cells of Raphanus. N:Number of 
microtubules. 
DISCUSSION 
METHODS 
Dry cleaving and immunofluorescence appear to be very suitable 
techniques to study fine structure and overall organization of 
cortical microtubular arrays in plant cells. Still, fixation and 
preparation might cause changes in the cytoskeleton and thus in-
fluence the results. Fixation has been reported to reduce micro-
tubular lengtn under certain conditions, although the opposite 
effect has also been reported ( GOLDSTEIN and ENTMAN, 1979; HARD-
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HAM and GUNNING, 1979; SEAGULL and HEATH, 1980 ). It cannot be 
excluded that dry cleaving induces breaks in the microtubules on 
the cleaved surfaces. This could happen especially where prepara-
tions cleave immediately above the microtubules, as in some meri-
stematic cells. In cleaved cortical cells even the ER appeared to 
be undisrupted, thus the underlying microtubules must have been 
intact. Moreover small interruptions of the microtubules were not 
observed in such preparations. In cells prepared for immunofluo-
rescence artifacts cannot be excluded, as the method includes 
squashing and air drying. Most cells, however, did not show any 
severe disruption of the microtubular patterns and the technique 
gave highly consistent and thus reliable results. 
MICROTUBULL LFNGTH 
One obvious characteristic of the microtubule populations in both 
meristematic and cortical cells is the large amount of short mi-
crotubules. Similar observations have been reported for a variety 
of plant and even animal cells ( GOLDSTEIN and ENTMAN, 1979;HARD-
HAM and GUNNING, 1978; SEAGULL and HEATH, 1980; VAN DER VALK et 
al. 1980 ). Apparently, microtubules in meristematic cells of Ra-
phanus are shorter than those in meristematic cells of some other 
species: we have found mean lengths varying between 0.9 and 1.3 
pm, whereas mean lengths of respectively 3.7 and 5.6 pm have been 
reported for meristematic cells of Zea and Impatiens (HARDHAM and 
GUNNING, 1978) . It cannot be excluded that our results were part-
ly influenced by breakage of the tubules induced by the proce-
dure, although the values reported here for meristematic cells of 
Raphanus are not extremely low: HENSCL ( 1984 ) for example found 
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a mean length between 0.2 and 0.6 um in root cap cells of Lepi-
dium. The lengths reported here for the microtubules in elonga­
ted cortex cells are in good agreement with values previously re­
ported for various cell types from different plant species (HARD-
HAM and GUNNING, 1978; VAN DER VALK et al. 1980). The regulation 
mechanisms and the purpose of changes in length remain completely 
unknown. HARDHAM and GUNNING (1978) suggested a correlation be­
tween the cell's circumference and microtubular length. We obser­
ved consistently an increase in microtubular length in the expan­
ded cortical cells, but due to the techniques used we were unable 
to estimate a ratio between microtubular length and cell circum­
ference . 
MICROTUBULE DENSITY 
The density of microtubules m meristematic cells was between 1.7 
2 2 
and 3.2 pm/pm and in cortical cells between 0.9 and 1.8 pm/pm . 
VJhen we convert these values to microtubule frequencies we find 3 
to 5 microtubules/pm in meristematic cells and 2 to 3 in cortex 
cells. SEAGULL (1983) estimated for both elongate and non elon­
gate cells of Raphanus roots a microtubule frequency of 4 to б 
microtubules/|am. There are several explanations why Seagull did 
not find any difference in density. He may have included elon­
gating cortex cells, while we measured cortex cells from the root 
hair zone. Moreover, the number of cells used for his study was 
rather limited. The significance of the density in the functio­
ning of microtubules remains unclear. In protoplasts of Mougeo-
tia the number of membrane associated microtubules increases 
significantly with the onset of cell wall synthesis (MARCHANT and 
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HIÑES 1979). Whether the decrease in microtubule density in 
cortex cells of Raphanus is related to a simultaneous decrease in 
cell wall deposition remains uncertain, since no data concerning 
cell wall deposition are available. 
MICROTUBULE ORIENTATION 
In our preparations the orientation of the microtubules in cells 
from the menstematic and from the elongation zone was invaria-
bly perpendicular to the root axis. This seems to be the normal 
situation in many plant species (GUNNING 1981; LLOYD and BARLOW 
1982) . 
In elongated cortex cells drastic differences in the orientation 
of microtubules were observed. Similar observations were made for 
Eguisetum hyemale, Limnobium stoloniferum. Allium cepa, Lepidium 
sativum, Urtica dioica, and Lactuca sativa (TRAAS, unpublished). 
These changes are cell specific: even neighbouring cells can show 
completely different patterns. We do not know precisely when the 
microtubule orientation is modified; probably the changes occur 
just before or just behind the beginning of the root hair zone. 
Changes in microtubule patterns might be related to various 
processes in the plant cell. First, they might be related to cel-
lulose microfibril orientation. Striking congruences between 
microtubules and cellulose microfibril orientations have been 
reported for many plant cells ( for reviews, see: HEATH and SEA-
GULL, 1982; ROBINSON and QUADER, 1982 ) but also discongruences 
have been found ( EMONS, 1982; EMONS and WOLTERS-ARTS, 1983; RO-
BINSON and QUADER, 1982; TRAAS et al. 1985 ). For Raphanus cortex 
cells the inner microfibrils appear to be parallel to the micro-
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tubules, suggesting a relationship as will be argued in the next 
chapter. 
Microtubule orientation might be also related primarily to cell 
morphogenesis and cell shape as has been shown for Pediastrum 
(MARCHANT, 1979),but also for higher plant cells (GUNNING, 1981). 
GUNNING reported a relation between microtubule orientation and 
the expansion of cortex cells in Azolla roots: microtubules 
appeared to be oriented perpendicular to the axes of both longi-
tudinal and lateral expansion. Applying this as a general rule to 
cortex cells of Raphanus, we may expect helical patterns of the 
microtubule arrays, as these cells expand laterally and longitu-
dinally. Since not all cortex cells expand in the same way, we 
may also predict different configurations of the microtubules, 
the helix pitch being directly dependent on the growth rate in 
the two directions. Whether differences in microtubule orienta-
tion are related to differences m growth rate, or whether all 
configurations represent distinct stages of one reorganization of 
the cytoskeleton occurring in all cells remains uncertain. It 
also cannot be excluded that the orientation of the microtubules 
is related to the internal distribution of the cytoplasm in the 
cell. However, it must be emphasized that these possibilities are 
not mutually exclusive. 
The relation between cell growth and microtubule orientation as 
described above has not only been reported for plant cells, but 
remarkably similar situations are also found in animal cells. Mi-
crotubules in elongating epithelium cells surrounding oocytes of 
certain insects for example, are oriented perpendicular to the 
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axis of expansion (TUCKER and MEATS, 1976) , thus apparently re­
stricting lateral expansion. Such a correspondence with animal 
cells holds also for tip growing cells: root hairs (EMONS, 1982; 
EMONS and WOLTERS-ARTS, 1983; NEWCOMB and BONNET, 1965; TRAAS et 
al. 1985) show microtubule patterns similar to those of the out­
growing extensions of animal cells ( e.g. TUCKER, 1979; WARREN, 
1974 ). 
Since microtubules are highly dynamic structures the question 
arises as to how their rearrangements originates and is main­
tained. The presence of microtubule organizing centers ( MTOC's ) 
outside the nuclear envelope seems unlikely (LLOYD and BARLOW, 
1982; WICK and DUNIEC, 1983; CLAYTON et al. 1985). Though it can 
not be excluded that the nucleus is actively involved in direc­
ting microtubule orientation, we think this is not probable sin­
ce the microtubules in our preparations are relatively short and 
do not show direct connections with the nuclear envelope. As mi­
crotubules were seen mainly attached to the plasmalemma, the 
direction and maintenance of microtubules may largely depend on 
links with the plasmamemorane (see also: VAN DER VALK et al. 
1980) and intermicrotubule bridges (see also: TUCKER, 1979) al­
though neither of these structures were observed unambiguously 
in our preparations. It may be suggested that microtubules are 
always directed transverse to the extension forces in the plasma 
membrane. 
AC KNOWLEDGEMENTS 
We would like to thank Prof. Dr. Μ.Μ.Λ. Sassen and A.M.C. Emons 
for helpful discussions. This study was partly supported by the 
Netherlands Organization for the Advancement of Pure Research. 
62 
REFERENCES 
CLAYTON, L.C., BLACK, С М . , LLOYD, C.W., 1985. Microtubule 
nucleating sites in higher plant cells identified by an auto­
antibody against pen-centnolar material. J. Cell Biol. 101. 
EMONS, A.M.C., 1982. Microtubules do not control microfibril 
orientation in a helicoidal cell wall. Protoplasma 113, 85 - 87 
EMONS, A.M.C., WOLTERS-ARTS, A.M.C., 1983. Cortical microtubules 
and microfibril deposition in the cell wall od root hairs of 
Equisetum hyemale. Protoplasma 117, 68 - 81. 
GOLDSTEIN, M.A., ENTMAN, M.L., 1979. Microtubules in mammalian 
heart muscle. J. Cell Biol. 80, 183 - 195. 
GUNNING, B.E.S. Microtubules and cytomorphogenesis in a develop­
ing organ: the root primordium of Azolla pinnata. In: 0. Kier-
mayer: Cytomorphogenesis in plants. p.301. Springer Verlag. 
Wien - New York 1981 
GUNNING, B.E.S., HARDHAM, A.R. Microtubules. Ann. Rev. Plant 
Physiol. 33, 651 - 698 (1982). 
HARDHAM, A.R., GUNNING, B.E.S., 1978. Structure of cortical mi­
crotubule arrays in plant cells. J. Cell Biol. 77, 14 - 34. 
HARDHAM, A.R., GUNNING, B.E.S., 1979. Interpolation of microtu­
bules into cortical arrays during cell elongation and differen­
tiation in roots of Azolla pmnata. J. Cell Sci. 37, 411 - 442. 
HEATH, I.В., SEAGULL,R.W. Oriented cellulose fibrils and the 
cytoskeleton: a critical comparison of models. In: C.W. LLOYD 
(ed.): The cytoskeleton in plant growth and development, p.163. 
Academic Press, London, 1982. 
HENSEL, W., 1984. Microtubules in statocytes from roots of cress 
(Lepidium sativum). Protoplasma 119, 121 - 134. 
LEDBETTER, M., PORTER, K., 1963. A 'microtubule' in plant cell 
fine structure. J. Cell Biol. 19, 239 - 250. 
LLOYD, C.W., SLABAS, A.L., POWELL, A.L., LOWE, S.B., 1980. Micro­
tubules, protoplasts and plant cell shape. Planta 147, 500-509. 
LLOYD, C.W., BARLOW, P.W., 1982. The coordination of cell divi­
sion and elongation: the role of the cytoskeleton. In: C.W. 
LLOYD (ed.): The cytoskeleton in plant growth and development. 
p. 203. Academic Press. London 1982. 
LLOYD, C.W., 1983. Helical microtubule arrays in onion root 
hairs. Nature 305, 311 - 313. 
MARCHANT, H.J., HIÑES, E.R., 1979. The role of microtubules and 
cell wall deposition in elongation of regenerating protoplasts 
of Mougeotia. Planta 146, 41 - 48. 
MARCHANT, H.J. The establishment and maintenance of plant cell 
shape by microtubules. In: C.W. LLOYD (ed.): The cytoskeleton 
in plant growth and development, p. 295. Academic Press. London 
1982. 
MESLAND, D.A.M., SPIELE, H-, ROOS, E-, 1981. Membrane associated 
cytoskeleton and coated vesicles in cultures hepatocytes visu-
alized by dry cleaving. Exp. Cell Res. 132, 169 - 184. 
NEWCOMB, E.H., BONNET, H.T., 1965. Cytoplasmic microtubule and 
63 
wall microfibril orientation in root hairs of radish. J. Cell 
Biol. 27, 575 - 589. 
ROBINSON, D.G., QUADER, H. The microtubule-microfibril syndrome. 
In: LLOYD, C.W. (ed.): The cytoskeleton in plant growth and de­
velopment. p. 109. Academic press. London 1982. 
OCHS, R.L., 1982. The role of microtubules in cell shape and pig­
ment distribution in spreading erythrophores. Eur.J.Cell Biol. 
28, 226 - 232. 
SEAGULL, R.W., HEATH, I.В., 1980. The organization of cortical 
microtubule arrays in the radish root hair. Protoplasma 103, 
205 - 229. 
SEAGULL, R.W., 1983. The role of the cytoskeleton during oriented 
microfibril deposition. J. Ultrastruct. Res. 83, 168 - 175. 
TRAAS, J.Α., 1984. Visualization of the membrane bound cytoskele­
ton and coated pits by means of dry cleaving. Protoplasma 119, 
212 - 218. 
TRAAS, J.Α., BRAAT, P., EMONS, Α., MEEKES, Η., DERKSEN, J., 1985. 
Microtubules in root hairs. J.Cell Sci. 76. In press. 
TUCKER, J., MEATS, M., 1976. Microtubules and control of insect 
egg shape. J.Cell Biol. 71, 207 - 217. 
TUCKER, J., Spatial organization of microtubules. In: K. ROBERTS, 
J.S., HYAMS (eds.): Microtubules, p. 315. Academic Press. Lon­
don 1979. 
VAN DER VALK, P., RENNIE, P., CONOLLY, J.Α., FOWKE, L.C., 1980. 
Distribution of cortical microtubules in tobacco protoplasts. 
An immunofluorescence microscopic and ultrastructural study. 
Protoplasma 105, 27 - 43. 
WARREN, R.H., 1974. Microtubular organization in elongating myo­
genic cells. J.Cell Biol. 63, 550 - 566. 
WICK, S.M., DUNIEC, J., 1983. Immunofluorescence microscopy of 
tubulin and microtubule arrays in plant cells. I. Preprophase 
band development and concomitant appearance of nuclear envelope 
associated tubulin. J.Cell Biol. 97, 235 - 243. 
64 
CHAPTER 5 
MICROTUBULES AND CELL WALL SYNTHESIS IN ROOT CORTEX CELLS 
( submitted ) 
Jan A. Traas, Jan W.M. Derksen 
SUMMARY 
Microtubule arrays were investigated in root cortex cells of four 
different plant species. Helical arrangements of variable pitch 
were observed in all cells. In about 5% of the cells different 
microtubule orientations were found within one array. Observa-
tions made on these cells indicate that there are two possible 
ways for the microtubular system to rearrange. Shadow cast prepa-
rations of dry cleaved cells allow the visualization of both mi-
crotubules and microfibrils in the same cell. Such preparations 
show a parallelism between these elements in many cells, 
suggesting that there is a relationship between microtubules and 
microfibril orientation. 
INTRODUCTION 
MicrotUDules are regarded as an important morphogenetic factor in 
plant cells and it is generally assumed that they primarily act 
by orienting microfibrils in the cell wall. A number of hypothe-
ses concerning their role in cell wall synthesis have been propo-
sed, but on the account of the data available it is difficult to 
differentiate between these hypotheses ( for reviews see: HEATH 
and SEAGULL, 1982; ROBINSON and QUADER, 1982 ). For this reason 
it is essential to obtain more information on the dynamics of 
microtubular organization on one hand and the organization of mi-
crofibril deposition on the other. Recently, we have described in 
detail the microtubular system m differentiating root cortex 
cells of Raphanus sativus ( TRAAS et al. 1984 ), showing that in 
these cells microtubules are organized in helical configurations 
of variable pitch as apparently occurs in many plant cells 
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( LLOYD, 1983, 1984; TRAAS et al. 1985; DERKSEN et al. 1985 ). 
However, it is not clear how changes in these highly ordered 
¡nicrotubular arrangements can be achieved. Furtermore it is un-
known, whether these helical arrays exactly mirror the patterns 
of the newly deposited microfibrils. In this study we present 
further observations on the microtubular organization in root 
cortex cells of various plant species. In order to study the 
spatial arrangement of microtubules with respect to the arrange-
ment of nascent microfibrils, we have used a modification of the 
dry cleaving technique ( TRAAS, 1984 ) to visualize both elements 
in the same cell. 
MATERIAL AND METHODS 
PLANT MATERIAL 
Roots of Raphanus sativus, Lepidium sativum. Allium сера and 
Equisetum hyemale were used. Seeds of Raphanus sativus, Lepidium 
sativum and Allium сера were germinated in the dark on wet filter 
о 
paper. After 48 - 60h at 20 С the roots were fixed and prepared 
for microscopy. Plants of Equisetum hyemale were cultured under 
о 
greenhouse conditions at 20 C. Growing, unbranched roots were 
used for all preparations. 
FIXATION AND PREPARATION FOR IMMUNOFLUORESCENCE 
Whole roots were cut off and fixed in 3% PFA in phosphate buffer 
or in Pipes buffer ( both in various concentrations, 25 mM - 100 
mM, pH 6.9 ). EGTA ( 10 mM ) and MgSO ( 5 mM ) were always in-
4 
eluded in the buffers used. Cells were isolated from the roots, 
attached to poly-L-lysine coated coverslips and air dried as des­
cribed earlier ( WICK et al. 1981; see also TRAAS et al. 1984 ). 
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In all cases elongated cortex cells from the root hair zone were 
used. These cells still expand to a limited extent. The primary 
antibody was a monoclonal ant-tubulin ( MAS 077, Sera Lab. ), the 
second antibody was a goat anti-rat ( FITC-labeled, Sera Lab.). 
All preparations were examined in a Leitz Orthoplan fluorescence 
microscope, photographs were made using Agfa Pan professional 400 
ASA film. 
FIXATION AND PREPARATION FOR ELECTRON MICROSCOPY 
Roots of all species were fixed for dry cleaving essentially as 
described earlier ( TRAAS, 1984 ). Glutaraldehyde (1%) was used 
as a fixative in 50 mM phosphate, pH 6.9, 10 mM EGTA and 5 mM 
MgSO . Enzyme treatment Vías carried out using 5% cellulysine 
4 
( Calbiochem ) during 60 minutes. In order to visualize the 
microfibrils in the cell walls, cortex cells were prepared for 
dry cleaving without cellulysin treatment. Instead they wore ex-
tracted overnight in 10 mM EGTA in buffer. After dry cleaving, 
shadow cast preparations were made of these cells using platinum 
о 
at an angle of 45 ; the preparations were reinforced by coating 
them with carbon. All preparations were examined in a Philips EM 
300 or 201. 
Whithout enzyme treatment it was more difficult to isolate the 
cells from the roots and therefore mechanical distortions of 
cytoplasmic structures and the plasmamembrane were frequently ob­
served. However, cell preparation did not seem to alter micro-
tubular organization and after shadow casting both microtubules 
and microfibrils were easily recognized. 
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• 4** 
Fig. 1. Raphanus sativos, immunofluorescence of cortex cells. 
-a. Two cells having normal helical microtubule configurations. 
-b and -e. Non helical microtubule arrays that were probably 
changing their organization . Note abrupt changes in microtubule 
orientation. -d. Microtubule helix changing gradually its pitch. 
Microtubules indicated by arrows. -Bars: 10 pm. 
RESULTS 
ORIENTATION OF MICROTUBULES 
In all preparations of Raphanus, Lepidium, Ά1lium and Equiseturn 
helical patterns of microtubules were observed in elongated cor­
tex cells ( Fig. 1 - 4 ) . From preparations of Raphanus, Al 1ium 
and Equiseturn the main microtubule orientation of individual 
cells was measured. These measurements - summarized in Figure 5 -
gave similar results for the three species used. In most cells 
о 
the main microtubule orientation was about 45 ( helix pitch 
expressed as absolute deviation from the longitudinal axis of the 
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cell ) or 90 . Usually cells lying near to each other showed more 
or less the same microtubule orientation, but occasionally 
neighbouring cells ( even in one row ) could have completely 
Fig. 2. Allium сера, cortex cells, -a. Immunofluorescence of a 
cortex cell having a normal helical microtubule arrangement. Bar: 
10 pm. 
Fig. 3. Cortex cells of Lepidium sativum showing that adjacent 
cells can have completely different microtubule orientations 
(arrows). -Bar: 10 pin. 
different microtuoule organizations ( Fig. 3 ). A minority of the 
cells ( about 5% ) showed different microtubule orientations 
within one cell. In some cases the microtubule helix was changing 
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Fig. 4. Equisetura hyemale, cortex cells, -a. Dry cleaved cortex 
cell, microtubules (arrows) are running in two different direc­
tions, crossing each other. Microtubules pass undisturbed through 
a pit field (pf). -Bar: 0.5 μια. -b. Immunofluorescence of a 
cortex cell having a normal helical array. 
gradually its pitch from pole to pole ( Fig. Id ) while in 
others abrupt changes in microtubule orientation and crossing 
microtubules were observed ( Fig. lb and с ). In some cells 
microtubules were running in star-like patterns, radiating out 
from one focus ( Fig. lb ). 
Dry cleave preparations of cortex cells showed microtubules run­
ning in small bundles in helical patterns, thus confirming the 
results obtained with immunofluorescence ( only shown here for 
Equisetum, Fig. 4a ). 
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THE CELL WALLS OF SHADOW CAST PREPARATIONS 
As can be seen in shadow cast preparations of both Raphanus and 
Allium cortex cells the inner layer of the wall consists of 
parallel microfiorils apparently running in helices of variable 
pitch. The main direction of the nascent microfibrils with the 
N 
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N 
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Fig. 5. Distribution of microtubule helix pitch in cortex cells 
of Raphanus, Allium, and Equisetum as was measured from 
immunofluorescence preparations. The helix pitch is given as 
absolute deviation from the cell's longitudinal axis. N: number 
of cells. 
longitudinal cell axis varies from cell to cell ( see Table I ). 
The wall is deposited in lamellae ( Figs. 6a and 7a, b and с ). 
In general the two last deposited lamellae were visible, showing 
о 
a difference in main microfibril orientation of 4 0 - 6 0 ( Figs. 
6a and 7a, b, с ). In a number of preparations the inner lamella 
of the cell wall was not completed at the moment of fixation 
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( Fig. 7b ). These preparations show that microfibrils are depo­
sited in small bundles. The microfibrils in the last deposited 
lamella tend to be wave-like especially in Allium (Fig. 7a,b), 
often deviating from the main direction. Microfibrils in under­
lying lamellae were more straight ( Fig. 7a, b ). Around pit 
fields microfibrils run in flow like patterns ( Fig. 7a ). In 
general they just slightly change their course in order to avoid 
the plasmodesmata. However, especially when several pit fields 
are lying near to each other, the pattern of microfibrils is more 
disturbed ( not shown ). 
MICROFIBRILS AND MICROTUBULES 
The microtubule and microfibril orientations for Raphanus and 
Allium are given in table I and II respectively. In cortex cells 
of both species the angle between the microtubules and micro-
o о 
fibrils varies between 0 and 90 . In most Raphanus cortex cells 
both microtubules and nascent microfibrils are running parallel 
to each other, although not quite in all cases ( Fig. 6 ). This 
is also illustrated by the observation that - m contrast with 
microfibrils - microtubules pass undisturbed through pitfields 
( Fig. 4a ). Similar observations were made for Allium although 
here only a minority of the cells showed parallel microtubules 
and microfibrils. 
Fig. 6. Shadow cast preparations of dry cleaved cells of Raphanus 
sativus. -a. Inner surface of the cell wall showing that micro­
fibrils are arranged in lamellae. At least three different micro­
fibril orientations can be discerned (double arrows). Large 
single arrow: cell's longitudinal axis. -b,c, and d. Microtubules 
(arrows) and the inner microfibrils (pointers) visualized 
simultanuously. In b the two elements are running parallel to 
each other, in с there is a small difference in orientation, in d 
the difference is larger. -Bars: 0.5 pm. 
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Fig. 7. Shadow cast preparations of Allium сера. -a. Cell wall of 
Allium cortex cell showing the inner microfibrils deviating 
around a (putative) pit field (pf). The inner microfibrils are 
ondulating locally (pointers). The microfibrils of the underlying 
lamella are more straight (pointers). -b Microtubules (arrows) 
running parallel to small microfibril bundles (pointers) probably 
the first of a new lamella that is being synthesized. -c. Micro­
fibrils (pointers) and microtubules (arrows) running in different 
directions. Note that the inner lamella has not reached the same 
microfibril density as the underlying lamella. -Bars: 0.5 pm. 
DISCUSSION 
MICROTUBULES 
Using both dry cleaving and the indirect immunofluorescence tech­
nique we have studied microtubular arrays in root cortex cells of 
different plant species. The results show that in these cells 
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M a m microtubule orien-
tation (absolute devi-
ation from cell's long 
axis) -a. 
M a m orientation of 
microfibrils, -b. 
Angle between mi 
crotubules and 
nascent microfi-
brils. -c 
0 
0 
2 
5 
5 
8 
8 
10 
17/0* 
20/0* 
23/0* 
24 
32/5* 
34 
42 
44 
52 
80 
45 
unknown 
47 
unknown 
25 
36 
34 
35 
17 
25 
45 
4 
26 
6 
74 
7 
unknown 
44 
45 
unknown 
45 
unknown 
30 
44 
26 
25 
0 
20 
68 
28 
6 
40 
65 
37 
nknown 
36 
TABLE I: Orientation of microtubules and nascent microfibrils in 
cortex cells of Raphanus sativus. 
a. Main orientation of microtubules and -b. main orien-
tation of microfibrils are given as absolute devia-
tion from the cell's longitudinal axis (0" - 90° ). 
c. Angle between main microtubule and nascent microfib-
ril direction. In cells where this angle does not 
exceed 10° microtubules and microtubules n^ ust be re-
garded as parallel. 
* In these cells microfibrils were locally running 
parallel to the microtubules. 
M a m onenLation of 
microtubules 
Main orientation of 
microfibrils 
Angle between mi-
crotubules and 
microfibrils 
unknown 
unknown 
33 
97 
35 
7 
12 
unknown 
31 
unknown 
unknown 
38 
70 
75 
34 
37 
unknown 
54 
0 
5 
5 
?7 
40 
41 
49 
80 
85 
TABLE II: Main orientation of microtubules and microfibrils 
Allium cepa. For details see legend of table I. 
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microtubules are organized in helical configurations ( see also 
LLOYD, 1984; TRAAS et al. 1984; DERKSEN et al. 1985 ). Previous 
observations made on root cortex cells of Raphanus sativus in-
dicated that helical microtubule arrays are highly versatile, es-
pecially as far as their orientation is concerned. As yet, how-
ever, there is little evidence as to how rearrangements of com-
plete microtubule systems could be achieved ( e.g. LLOYD,1984 ). 
Oservations made on cells with different microtuoule orientations 
indicate that there are two possible ways in which microtubules 
can rearrange. Firstly, in a number of cells the helix pitch is 
changing gradually from one pole to the other. This suggests that 
the helical arrays behave as stable, coherent structures being 
twisted/untwisted or compressed/decompressed ( see also: LLOYD, 
1984; ROBERTS et al. 1985 ). Such rearrangements have been des-
cribed in detail for different animal cells ( e.g. DE ANDRADE and 
DE ALMEIDA, 1980; ANGELOPOULOS, 1970 ). In these systems however, 
changes in helix pitch always go along with important shape tran-
sitions, the cell surface remaining constant. In plant cells this 
is obviously not the case and reorientations of microtubules as 
described above have to include intermicrotubule sliding and 
polymerization/depolymenzation to compensate for the changes in 
width and/or lengtn of the helix that would occur otherwise. A 
number of observations, i.e. crossing microtubules, abrupt 
changes in orientation ( Fig. 1 and 4 ) do not fit within the 
concept of a nelix changing gradually its pitch and suggest that 
at least in some cells reorientation is achieved by the formation 
of complete new helices. Such a mechanism has been proposed for 
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different other plant cells ( ROBINSON and QUADER, 1983; HARDHAM 
et al.1980 ). In conclusion - irrespective of the mechanism of 
microtubule orientation - microtubule rearrangements have to 
include depolymenzation/repolymenzation sequences and inter-
microtubule sliding. The presence in many plant cells of relati-
vely short microtubules interconnected by bridges into longer 
bundles could facilitate such rearrangements ( HARDHAM and GUN-
NING, 1978; TIrfARI et al, 1984; TRAAS et al. 1984 ). Another as-
pect, namely that two distinct populations of respectively gro-
wing and depolymenzing microtubules must co-exist m the same 
cell, does equally fit within recent concepts of microtubule dy-
namics ( MITCHISON and KIRSCHNER, 1984a and 1984b ). Besides the 
properties of the microtubular system itself, additional mecha-
nisms may exist that play a role in the rearrangements of helical 
arrays. It has been argued that expansion forces in the membrane 
might be involved m establishing microtubule orientation ( TRAAS 
et al. 1984 ). Furthermore other cytoskeletal elements like 
microfilaments might play a role. For instance, it has been ob-
served that treatment with cytochalasin B, a microfilament dis-
rupting agent, disturbs microtubule orientation in pollen tubes 
( DERKSEN and TRAAS, 1985 ) and root hairs ( TRAAS and DERKSEN, 
unpublished ). 
MICROTUBULES AND MICROFIBRILS IN CORTEX CELLS 
By means of shadow casting of dry cleaved cells microtubules and 
microfibrils can be studied simultanuously. Until now this has 
only been achieved with freeze etching for a limited number of 
cells ( MUELLER and BROWN, 1982b ). In cortex cells microfibrils 
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and microtubules are helically arranged and the range in which 
Lie helix pitches vary is the same for both elenents. Moreover, 
m папу cells of Raphanus an alignment between mcrotubules and 
microfibrils exists. However, only a few Allium cortex cells show 
such a parallelism. Co-alignment between cellulose microfibrils 
and microtubules has been described for numerous systems ( for 
reviews see: HEATH and SEAGULL, 1982; ROBINSON and QUADER, 1982; 
DUSTIN, 1985 ). Mainly on the account of these observations it 
was oricinally concluded that microtubules are involved in cell 
wall synthesis by orienting the cellulose microfibrils. With this 
respect different hypotheses have been formulated ( for review: 
HEATH and SEAGULL, 1982 ). 
It has been postulated that the microfibril synthesizing partic­
les are attached directly to the microtubules ('DIRECT HYPOTHE­
SES')· Alternative hypotheses have been proposed that do not 
postulate a direct connection between microtubules and the syn­
thesizing particles ('INDIRECT HYPOTHESES'). 
The results that we present here do not support a direct hypo­
thesis. In cells where an alignment occurs, newly synthesized 
microfibrils are lying between the microtubules, obviously not 
associated with them ( Fig. 8b ). Moreover, bundles of cellulose 
microfibrils in the walls of cortex cells often undulate while 
microtubules are straight. Another observation contradicting the 
direct hypothesis is, that microtubules do not deviate around pit 
fields as microfibrils do ( Fig. 3 ). The latter observation was 
also reported by SEAGULL ( 1983 ) for root cortex cells of va­
rious plant species. The most attractive hypothesis so far assu-
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mes that microtubules are connected to the membrane thus creating 
channels that guide the cellulose synthesizing membrane complexes 
( see also: HERTH, 1980 ). With this respect it is interesting 
that membrane particles on the external membrane of Trypanosoma 
cruzi reflect the pattern of the underlying microtubules ( SOUTO 
PADRÓN et al., 1984 ). However, non-random distributions of par-
ticles have not been observed in most plant cells ( e.g. MUELLER 
and BROWN, 1982a; EMONS, 1985 ), which is m fact an arguement 
against a chanalizing function of the microtubules. 
Our observations on cortex cells are seemingly contradictory: 
microtubules and microfibrils are found both parallel and not 
parallel. However, cells may synthesize cellulose only during 
certain intervals of their life span, thus requiring alignment 
between microtubules and microfibrils only temporarily. Some of 
our data even suggest that microtubules do not remain parallel to 
the inner microfibrils till a lamella is completed ( Fig. 8c ). 
This could mean that co-alignment is only needed during and just 
after the initiation of a new lamella, as has oeen proposed for 
Oocystis ( QUADER et al. 1978 ). 
Recently it has been shown that microtubules in root hairs are 
not always parallel to nascent nicrofibnls ( EMONS, 1982; TRAAS 
et al. 1985 ) indicating that the control of microfibril depo-
sition may not depend solely on the microtubular system. The 
results presented here equally indicate that a simple comparison 
between microtubules and microfibril orientation only describes 
one aspect of the complex proces of cell wall deposition. 
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SUMMARY 
The microtubules of root hairs of Raphanus satwus, Leptdtum sativum, Equisetum hyemale, 
Limnobium stolontferum, Ceratoptens thaltctrotdes, Allium sativum and Urtica dioica were inves­
tigated using immunofluorescence and electron microscopy. Arrays of cortical microtubules were 
observed in all hairs. The microtubules in the hairs show net axial orientations, but m Allium and 
Urtica helical microtubule patterns are also present. Numerical parameters of microtubules in 
Raphanus, Equisetum and Limnobium were determined from dry-cleave preparations. The results 
are discussed with respect to cell wall deposition and cell morphogenesis. 
I N T R O D U C T I O N 
In contrast to most plant cells, root hairs are supposed to grow at their tip only 
(Sievers & Schnepf, 1981). At the tip the cellulose microfibrils are deposited in a 
random pattern, forming the primary cell wall. Behind the tip the microfibrils of the 
secondary wall are deposited in a regular pattern, giving rise to well-defined wall 
textures, varying from axial to helical or helicoidal (Sassen, Pluymaekers, Meekes & 
de Jong-Emons, 1981). In root hairs these specific wall textures have been interpreted 
as structural adaptations to obtain various mechanical properties, as required by 
environmental conditions (Sassen et al. 1981). 
The deposition of microfibrils is generally thought to be under the control of the 
cortical cytoskeleton. Support for this concept comes from the observed alignment 
between the cortical microtubules and newly deposited cellulose microfibrils in cell 
walls (Heath & Seagull, 1982). Thus, since the orientation of the nascent cellulose 
microfibrils in helicoidal walls of root hairs changes intermittently, a corresponding 
change in direction of the cortical microtubules is to be expected. However, in 
Equisetum hyemale root hairs, microtubules are axially oriented, whereas microfibrils 
are found in either helicoidal or helical configurations (Emons, 1982; Emons & 
Wolters-Arts, 1983). 
In Raphanus sattvus axially oriented microtubules are found in the part of the root 
hairs where microfibrils are deposited with random orientation (Newcomb & Bonner, 
1965). However, it has been suggested that in this species the microtubules control 
microfibril deposition at a later stage, when microfibrils become oriented axially 
(Seagull & Heath, 1980; see also: Heath & Seagull, 1982; Robinson & Quader, 1982). 
• Author for correspondence. 
Key words: microtubules, root hairs, microfibrils. 
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J A Traas and others 
The observations, especially on Equtsetum, contradicted present models of 
microtubular control of microfibril deposition and prompted a further investigation 
of the cortical microtubules in root hairs. Here we present our results, not only from 
Raphanus and Equtsetum, but also from other species with axial (I^epidium), 
helicoidal (Ltmnobtum, Allium and Ceratoptens) and helical wall textures {Urtica) 
Because of the limitation of oblique/serial sectioning, we chose to investigate the 
cytoskeleton using primarily immunofluorescence techniques (Wickeí al. 1981 ; Wick 
& Dumec, 1983) in order to visualize the entire cytoskeleton at the light-microscopical 
level. In addition, we have used the dry-cleaving technique, with special attention to 
the cortical microtubules, at the electron microscope (EM) level (Traas, 1984; Traas, 
В raat & Derksen, 1984). The relation between the pattern of microtubules and 
microfibril orientation and other morphogenetic and physiological properties of the 
cell is discussed. 
MATERIALS AND M E T H O D S 
Materials 
Root hairs of the following species were used Equtsetum hyemale (Equisetaccae), Ceratoptens 
thahctroides (Parkenaceae) L·mnobιum stolomferum (Hydrochantaceae), Allium sativum 
(Lihaceae), Raphanus sativus andLepidumi sativum (Brassicaceae) and Urtica dioica (Urticaceae) 
Growth conditions 
Cuttings of Equtsetum, Ceratoptens, Ltmnobtum and Urtica were cultured on an aqueous soil 
extract (H Meekes, unpublished) under greenhouse conditions Roots with full-grown hairs 
developed within about 2 weeks 
Seeds of Allium, Raphanus, I^eptdium and Urtica were germinated at room temperature in the 
dark on wet filter paper Raphanus and Leptdium developed roots in 24 h Hairs with maximum 
length were generally present within 48 h Allium developed roots of about 1 cm within a week Root 
hairs appeared after slight drving within 24 h (see also Rosene, 1954) From Urtica only a few seeds 
germinated Roots and root hairs developed very irregularly, the first hairs appeared 1 week after 
germination 
Rootlets with hairs were fixed immediately after the first root hairs obtained their maximum size 
From Equtsetum, Ltmnobtum and Urtica also older roots with full grown, persistent hairs were 
used 
Immunofluorescence 
Root hairs were prepared for immunofluorescence microscopy essentially as described previously 
(Wick & Dumec, 1983, Lloyd, 1983) We used 20тм-potassium phosphate buffer (pH6 8), with 
5-10тм EGTA and 2-5 mM-MgClz, but occasionally we used Pipes instead of phosphate buffer 
To degrade the cell wall 5 % cellulase (ONOZUKA R-10, Serva, Heidelberg, FRG) or 1-3 % 
cellulysin (Calbiochem-Behring, La Jolla, U S A ) was used The primary antibody was a 
monoclonal anti-tubulin (Mas 077, Sera Labs) and the second antibody was a rabbit, fluorescein 
isothyocyanate (FITC)-labelled anti-rat immunoglobulin G(IgG) (Nordic Labs BV, Tilburg, the 
Netherlands) Preparations were examined under a Leitz Orthoplan microscope with an appropriate 
filter combination and illumination, using Leitz 50 X and 100 x water-immersion lenses Photo­
graphs were taken with a Leitz Vano Orthomat combination on Agfapan professional film 400 Asa 
Electron microscopy 
For thin sectioning, root hairs of Equtsetum, Ceratoptens and L·mnobιum were fixed in glutaral 
86 
Microtubules m root hairs 
dehyde/0s04, dehydrated and flat-embedded in Spurr's medium according to standardized 
procedures (Pluymaekers, 1982, Emons, 1982) Sections were stained with uranyl acetate/lead 
citrate 
For dry cleaving mostly phosphate, but also cacocylate and Pipes, was used as a buffer Roots 
were fìxed in glutaraldehyde in buffer, post-ñxed with tannic acid, washed and root parts with hairs 
were attached to poly-L-lysine-coated grids (Traas, 1984) After fixation in OSO4, the specimens 
were stained with uranyl acetate, dehydrated and critical-point dried Finally, preparations were 
cleaved and examined immediately (Traas, 1984) using a Philips EM300 or EM201 electron 
microscope 
Quantitative analysis 
Micrographs of cleaved cells were printed at a final magnification of about X 25 000, the exact 
values being established using a grating replica Microtubules were traced from the micrographs on 
plastic sheets Lengths, orientations and relative abundance (expressed as total length/per area 
(μπι/μπι2)) were measured with a Kontron Videoplan computer (Traas et al 1984) 
RESULTS 
Root hair growth 
Except for Allium and Urtica all growing roots showed the typical cones of hairs 
at the tip of the root. The older hairs of Raphanus and Lepidtum died some time 
after reaching their maximum length. Ceratoptens, Limnobmtn and Urtica cuttings 
developed root hairs at the tip of the root, which persisted for at least 3 weeks before 
being degraded, while Equisetum root hairs persisted for over 3 months On roots 
of Urtica seeds cone-like groups of hairs were only occasionally formed at the tip. 
Hairs grew, as in cuttings, over large areas of the root and remained intact for long 
periods (weeks). Moreover, root hair development was very irregular: young hairs 
appeared over the entire root between older or even full-grown hairs. Cuttings of 
Urtica showed more regular root-hair development. On Allium, roots hairs 
developed not only in a cone at the tip, but also at the transition point of root to 
hypocotyl and subsequently also over the entire root. As in Urtica, hairs developed 
between older or even full-grown hairs. Root hairs were regularly observed that had 
either increased in diameter or decreased in girth during growth, giving rise to 
slightly cone-shaped hair forms. 
Fixation and cell wall degradation 
If formaldehyde was used as a fixative, especially in Equisetum, Ceratoptens and 
Urtica, plasmolysis often occurred, resulting in collapse of the cytoplasm and disin­
tegration of the cytoskeleton. In order to reduce plasmolysis as much as possible a 
concentration of 20 тм-phosphate was used in combination with formaldehyde. If 
buffers other than phosphate were used, i.e. 25 тм-Pipes for immunofluorescence 
and 0 1 M-cacodylate or 50 тм-Pipes for dry cleaving, no difference in microtubular 
organization could be observed Since plants have considerable amounts of calcium 
in their walls and in their apoplasts, we always used EGTA in the fixative. The 
presence of EGTA cannot be expected to induce artificial polymerization of tubulin 
(see, e.g. Solomon, Magendantz & Salzman, 1977). 
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We never included G T P in our buffers since this might have induced tubulin 
polymerization (Solomon et al. 1977; for discussion, see Seagull & Heath, 1980). 
The susceptibility of the cell wall to degradation appeared to be highly variable in 
different species. Prolonged treatment in fixative and/or high concentration of 
enzyme were always effective in degrading the cell wall, but these treatments could 
also destroy the cytoskeleton. In immunofluorescence preparations oiEquisetum and 
Ceratoptens the cytoskeleton often seemed disturbed, probably due to the fragility of 
the cells after degradation of the cell wall. For Limnobium, immunofluorescence 
preparations could only be made from non-enzyme-treated segments cut from the 
hairs under the dissection microscope. 
Dry cleaving 
In all dry-cleaving preparations, and also in sectioned material, both microtubules 
and endoplasmatic reticulum, mitochondria, coated pits, coated vesicles and other 
filamentous structures were observed These results are similar to those described 
previously for other plant cells after dry cleaving (Traas, 1984; Traas et al. 1984) (see 
Figs 1—7). Differences in appearance between the preparations of the various species 
used may depend to a large extent on density and distribution of the cytoplasm ; dense 
and irregularly distributed cytoplasm led to irregular cleavage planes, whereas hairs 
with a large central vacuole mostly cleaved over the vacuole membrane. Sometimes 
the membrane-attached cytoplasm had a granular structure and stained darkly (see 
Figs 1 and 7), possibly due to a strong reaction between membrane-attached 
cytoplasm and tannic acid. Quantitative meaburements were carried out on prepara­
tions from Equisetum, Limnobium and Raphanus only, since in other species proper 
dry-cleave preparations could not be obtained {Ceratoptens and Urtica) or the cyto­
skeleton varied greatly between individual hairs of the same species {Allium and 
Urtica). 
Cytoskeleton 
In all preparations, using immunofluorescence and/or dry cleaving, ordered pat­
terns of microtubules were seen. In immunofluorescence preparations root hairs often 
showed no microtubules in the tip, or displayed fuzzy stained tips, probably due to 
preparation artefacts. There were always some root hair tips that showed more or less 
clear microtubule patterns. Since striking differences between the various species 
exist, the cytoskeleton of each of the various species is described individually below. 
R. sativus and L sativum 
These closely related species gave identical results. In immunofluorescence 
preparations net-axial oriented microtubules were seen with no, or almost no, 
microtubules protruding into the extreme tip, but behind the tip a densely stained 
zone was often present (Fig. 1A). A net-axial orientation was also observed in dry-
cleave preparations (for Raphanus, see Fig. 1в, с; for Lepidium, see Traas, 1984). 
Microtubules could deviate considerably from the cell axis, up to 30° (see Figs 1c, 
8A). In many cases there were even crossing microtubules (Fig. 1c, D ) . NO differences 
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Fig. 1. Root hairs of R. sativus. A. Immunofluorescence microscopy of a growing hair 
with axial microtubules. T h e microtubules are not protruding into the extreme tip (open 
pointer). Just behind the tip the cytoplasm is densely stained.Bar, 5μιτι. в. Dry-cleave 
preparation of a growing hair with many axially oriented microtubules (small arrows), cp, 
coated pits; large arrow, cell's long axis. Bar, 1 μιτι. с. Preparation of a full-grown hair, 
showing microtubules (small arrows), mitochondrion (m), endoplasmic reticulum 
(arrowheads). Organelles are locally concentrated into strands (open pointers). Note the 
difference in density with that of в. Large arrow, cell axis. Bar, 1 μηι. D. Detail of a 
growing hair with crossing microtubules (arrows). Bar, 0-25 μηι. Note the dark granular 
appearance of the cytoplasm compared with that of в. 
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Table 1. Numerical parameters of microtubules in root hairs 
Species 
Ltmnobtum 
(growing) 
F.qutsetum 
(growing) 
Equtsetum 
(full-grown) 
Raphanus 
(growing) 
Raphanus 
(full-grown) 
Length (μπι) 
Mean values 
1·72-2·85 
2-20 
1·39-4-67 
2-47 
2-51-4-66 
3-60 
1·12-4·94 
2-16 
2-S2-4-01 
3-27 
Modes 
0·78-1·85 
1-31 
0-85-3-37 
1-53 
1·73-2·31 
210 
o-so-s-so 
1-77 
1·38-4·5 
3-00 
Angle 
(modes) 
0ο-25° 
±5,0° 
0o-15° 
0,0° 
0 o -S o 
0,0° 
0o-10° 
±2-5° 
0o-10° 
±7° 
Relative 
abundance 
(μτη microtubules/ 
μπι2 membrane) 
011-0-30 
017 
1·02-2·14 
1-48 
0·61-1·33 
100 
0-82-S-34 
4-00 
0-30-0-97 
0-68 
No. ol 
tubule 
137 
432 
132 
314 
52 
For each parameter the range of the means and modes of individual cells is given (e.g. 1 ·72-2·85) 
and their average (single numbers). Angles were measured between —90° and 90°. The long axis 
of the hair is at 0°. 
in orientation between various length classes could be observed, though the smaller 
microtubules showed a larger deviation from the main direction. Lengths and relative 
abundance are presented in Table 1. They appeared to be highly variable. In growing 
hairs, however, the relative abundance (average: 4·00μπι/μΓη2) was clearly higher 
than in full-grown hairs (average: Ο-όδμηη/μπι2). Raphanus and I^epidium hairs 
cleaved very irregularly, often leaving dark patches of cytoplasm on the membrane 
(Fig. 1c). Axially oriented strands of cytoplasm with mitochondria and bundles of 
microtubules were regularly observed (Fig. 1c). Often the fine structure was obscured 
by a heavily stained precipitate (Fig. I D ) . 
E. hyemale 
In both immunofluorescence and dry-cleaving preparations from growing and full 
grown hairs a net-axial direction of microtubules was observed (see Figs 2, 3). In 
immunofluorescence preparations microtubules were seen protuding into the tip (Fig. 
2A). In a few instances we were able to cleave root hair tips. In these preparations 
short and more or less randomly distributed microtubules were observed (data not 
shown). Microtubules in growing hairs (average 2-47μπι) tended to be shorter than 
in full-grown hairs (3·60μΓη; see Table 1). The relative abundance of the 
microtubules in growing hairs (ranging from 1-02 to 2·14μΓη/μτη2) was higher than 
in full-grown hairs (0-61-1 -33 μπι/μπι2; see Table 1). Microtubules deviated con­
siderably (up to 90°) from the main direction in growing hairs and up to 70° in full-
grown hairs (see Figs 2A, ЗА, C; see also Fig. 8), and crossing microtubules were even 
observed (Fig. 2c). Differences in the main orientation between the various length 
classes were not observed, but smaller microtubules showed a larger spreading from 
the main direction. Growing hairs with a relatively few small vacuoles cleaved at a 
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Fig. 2. Growing root hairs oi E. hyemale. A. Immunofluorescence preparation showing 
the axial orientation of the microtubules, bar, 5μΓη. в. Dry-cleave preparation with 
microtubules in different directions (small arrows), cp, coated pits; large arrow, cell axis. 
Bar, 1 μιη. с. Detail showing crossing microtubules (arrows). Bar, 0-5μπι. D. Detail 
showing a microtubule (arrows) accompanied by smaller filaments (arrowheads), cp, 
coated pit.. Bar, 0-25μπι. 
plane just above the membrane, leaving only traces of cytoplasm on the m e m b r a n e 
surface. T h e microtubules were more or less homogeneously distr ibuted (see 
Fig. 2в) . 
Full-grown hairs cleaved over the m e m b r a n e of the vacuole leaving the cortical 
cytoplasm with its organelles almost intact (see Fig. 3 A ) . In full-grown hairs s trands 
of cytoplasm with n u m e r o u s mitochondria and bundles of microtubules were seen 
(see Fig. ЗА, B ) . Outs ide the cytoplasmic strands microtubules were not usually 
present in bundles (compare Figs Зв, с ) . Occasionally, microtubules were accompa­
nied by a presumptive microfilament with a diameter of about 10 nm (Fig. 2c) . 
Sometimes, small bundles of presumptive microfilaments were observed, also in 
oblique sections (data not shown). 
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Fig. 3. Full-grown root hairs of E. hyemale. A. Dry-cleave preparation showing axial 
microtubules (arrows), mitochondria {m) in cytoplasmic strands (open pointers) and an 
endoplasmic reticulum (ER) network (arrowheads). Bar, 1 μιτη. в. Detail of the cyto­
plasmic strand shown in A, showing microtubules in bundles (arrows), cv, coated vesicle; 
m, mitochondrion. Bar, 0-5 μπι. с. Detail of a hair outside the cytoplasmic strands showing 
more dispersed microtubules (arrows). ER, arrowheads. Bar, 0-5 μ η . 
L. stoloniferum 
In both immunofluorescence and dry-cleave preparations, microcubules with a net-
axial orientation were found (Fig. 4A, B). In immunofluorescence preparations 
microtubules were found to protrude into the tip. In the few hair tips that we were 
able to cleave, short, randomly distributed microtubules were observed (data not 
shown). The lengths of the microtubules (average 2-20μπι) were about the same as 
92 
Microtubules in root hairs 
in growing hairs of Equisetum (see Table 1). The relative abundance appeared to be 
very low (from 0-111ο0·30μπι/μπι2) as compared to that in Raphanus and Equisetum 
(see Table 1). Also inLimnobium microtubules deviated considerably from the main 
direction (up to 90°; see Figs4B, c, 8). Here, too, crossing microtubules (Fig. 4в) and 
microtubules accompanied by a presumptive microfilament (diameter, 100 A) were 
observed that seemed to split into protofilaments (Fig. 4 F ) . In full-grown hairs the 
microtubules retained their axial orientation. Plasma strands with mitochondria and 
with microtubule bundles were seen regularly (not shown), but less frequently than 
in Raphanus or Equisetum. Huge, mainly axially oriented bundles'of putative 
microfilaments (individual diameters, 100 A) were often observed in dry-cleave 
preparations (Fig. 4c, E ) , and also in sectioned material (not shown). 
C. thalictroides 
Immunofluorescence preparations invariably showed net-axial orientations of 
microtubules (see Fig. 5A). In oblique sections axial orientations were also observed 
(Fig. 5B) . In immunofluorescence preparations microtubules were observed that had 
protruded into the tip of the hair (Fig. 5A). 
U. dioica 
Urtica mainly showed net-axially oriented microtubules, but helical patterns were 
also present in the same preparations (see Fig. 6). No differences were found between 
hairs of seeds and cuttings. In older roots with persistent hairs, both axial and helical 
patterns were observed. No obvious difference in relative abundance between hairs 
with helical and axial pat'.erns could be seen. Microtubules with axial orientations 
protruded into the tip of the hair, whereas microtubules with helical orientations 
passed uninterrupted through the tip. Though slight variations occurred, the orienta­
tions generally remained the same in the entire root hair. 
A. sativum 
The microtubules of Allium root hairs showed various patterns: in both imm­
unofluorescence and dry-cleave preparations helical patterns with an angle of about 
45 0 were regularly seen, but axial and transverse patterns were also observed (Fig. 7). 
Similar observations were made also in older roots with persistent hairs. 
The axial patterns were very similar to those in the other species studies here. The 
helical pattern was the same as that in Urtica. Sometimes, the direction of the 
microtubules differed considerably within one root hair (see Fig. 7c). 
In hairs with axial patterns the density of the microtubules was conspicuously 
higher than in hairs with other orientations (compare Fig. 7в and c, and D and E ) . 
Axial microtubules protruded into the tip of the hair, whereas helically oriented 
microtubules passed uninterrupted through the tip. In dry-cleave preparations very 
often a precipitate covers the membrane-attached structures, often even obscuring the 
tubular structure of the microtubules (see Fig. 7E) and increasing their apparent 
diameter. 
93 
J. A. Traas and others 
li ^ 5 · 
Fig. 4. Root hairs of L. stoloniferum. A. Immunofluorescence preparation, showing a 
relatively low microtubule density. Arrows point to probably isolated microtubules. Bar, 
5 μηι. в. Low magnification of a dry-cleaved root hair. Small arrows, microtubules; large 
arrow, cell axis. Bar, 5 ^ m. с. Detail of a hair with microtubules pointing in different 
directions (arrows), and coated pits (cp). Bar, 0-25 μπι. D. Detail of a microtubule. Bar, 
0·25μπι. Е. Detail of a filament bundle (arrowheads). Bar, 0.25/лп. Detail showing 
filaments (arrowheads) accompanying a microtubule (arrows). Open pointer, microtubule 
splitting into protofilaments. Bar, 0-25 μπι. 
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Fig. 5. Root hairs of C. thalictroides. A. Immunofluorescence preparation showing the 
net-axial orientation of the microtubules. As in Raphanus microtubules are not protruding 
into the extreme tip. Bar, SjUm. в. Detail of a thin-sectioned hair. Arrows, microtubules, 
cv, coated vesicle. Bar, 0-25 μπι. 
Irrespective of their orientation, microtubules could form bundles and, though no 
quantitative estimations were made so far, no clear indication of an important dif­
ference in length as compared to other root hairs was found. 
DISCUSSION 
Using immunofluorescence and dry-cleaving we were able to show the presence of 
highly ordered microtubule arrays in root hairs of various species. In dry-cleave 
preparations, microtubules and regularly distributed endoplasmic reticulum, coated 
pits, coated vesicles and thin filaments attached to the plasmalemma were always obser­
ved. So far such observations on large areas of the cytoplasmic side of the plasmalemma 
can be made only by dry cleaving methods. Similar observations have been made in 
various root cell types (Traas, 1984 ; Traas étal. 1984). The density and distribution of 
all these structures differ between cells or even within one cell, depending on the species 
and physiological conditions. In the present investigation we studied mainly the 
microtubule system because of its presumptive role in microfibril orientation. 
Length and relative abundance 
The lengths of the microtubules were within the range of those measured previously 
{or Raphanus root hairs (Seagull & Heath, 1980). The lengths of the microtubules 
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6α 
Fig. 6. Root hairs of U. dioica, Α-D. Immunofluorescence preparations showing axial 
(A,B,D) and helical (c) orientations of the microtubules (arrows). In A the trichoblast is 
visible ( ir) . T h e base of the hair has been broken open (open pointers). Note the difference 
in the microtubule orientation in the trichoblast and the root hair. In D the tip of a hair 
is shown. Bars, 5 μιη. 
Fig. 7. Root hairs of A. sativum, A-C. Immunofluorescence preparations of hairs with 
different microtubule orientations: helical (A), axial (в) and perpendicular (c) to the long 
axis. In с the microtubule orientation (arrows) in the hair is perpendicular to that in the 
trichoblast ( ir). Bars, 5μ ιη . D-E. Cleaved root hairs with different microtubule orienta­
tions (arrows). In E a precipitate obscures the tube structure of the microtubules, which 
also seem to be fuzzy. Large arrow, cell axis, in D and E; arrowheads, ER. Bar, 0-5μπι. 
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Fig. 8. A-D. Distributions of microtubule orientations (pooled results). The number of 
microtubules is given in each plot. For the number of cells see Table 1. In all hairs sym­
metrical distributions were found .The modes were always around 0 0 (axial orientation). 
Microtubules in root hairs 
reported here for growing root hairs of Raphanus and Equisetum must be considered 
minimum values, since microtubules broken off at the edge of the preparation and 
microtubules partly covered by cell organelles were included in our measurements. 
The dry-cleaving procedure may have caused some breakage of microtubules, 
especially when the cells cleaved just over the membrane, as in Equisetum. The 
frequencies (тісгоіиЬиІез/дт as computed from our data) of the microtubules in 
growing hairs oí Raphanus (from less than \/μτη to 7/μιη) showed a larger range than 
those in a previous report (2/μιη to 4/μΓη) (Seagull & Heath, 1980). Still, the average 
frequency calculated from our data (5/μπι) is higher than reported by Seagull & 
Heath (1980) (3/μτη). 
Microtubule and microfibril orientation 
The root hairs studied show strong differences in cell wall texture: axial in 
Raphanus and Lepidium (Sassen et al. 1981); helicoidal in growing hairs of 
Equisetum, Ceratopteris, Limnobium (Sassen et al. 1981) and Allium (Sassen et al. 
unpublished data). Helical textures are found in full-grown hairs oí Equisetum, with 
an angle of about 25 ° to the cell axis (Emons & Wolters-Arts, 1983) and in Urtica with 
an angle of about 20 0 to the cell axis (Sassen et al. 1981 ). In the root hairs that we have 
used the microfibril depositing zone was always included. The microtubules in the 
hairs are axial, with the exception oí Allium and Urtica. Our results are consistent with 
previous reports (Seagull & Heath, 1980; Emons, 1982). A comparison of 
microtubule and microfibril orientation is given in Table 2. The results show that 
there is not necessarily a co-alignment between microtubules and microfibrils in hairs 
depositing helicoidal or helical walls. Since all models involving microtubules in 
microfibril orientation require, at least temporarily, alignment between microtubules 
and microfibrils, our results cannot be accepted as support for these models (for 
reviews see: Heath & Seagull, 1982; Robinson & Quader, 1982; Lloyd, 1984; see also 
Emons, 1982; Emons & Wolters-Arts, 1983). It cannot be excluded, however, that 
microtubules play some role in microfibril orientation. It may well be that microfibrils 
are orientated by microtubules in combination with another membrane adherent 
cytoplasmic component. It is suggested that microtubules act together with microfila-
ments and thus give rise to the complicated textures observed in cell walls. 
In Urtica and Allium root hairs, not only was the orientation of the microtubules 
different from that in other species but also large differences between individual hairs, 
and m Allium even within one hair, were observed. The microtubules always ran 
through the tip of the hair. The same observations have also been made in expanding 
root cortex cells from Raphanus, and also Urtica and Allium (Traas et al. 1984; see 
also Lloyd, 1984), suggesting that the root hairs of Allium and Urtica, at least tem-
porarily, are not solely tip-growing but might also stretch to some extent. The variable 
microtubule helices in Urtica hardly align with the 20° helix of the microfibrils 
(Sassen et al. 1981), but at least a temporary alignment between microtubules and 
microfibrils cannot be excluded. Also in Allium an alignment between microtubules 
and microfibrils cannot be excluded. Unfortunately, no discrimination between 
growing and full-grown hairs could be made, since they are found intermingled 
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Table 2. Relation between microtubules and microfibrils in root hairs 
Species 
Microfibril 
deposition 
Microtubule 
orientation 
E. hyemale (1,2)* 
Tip 
Τιρ-30()μπι 
30Ο-3ΟΟΟμιη 
Full-grown 
С thalictroides (3) 
Tip 
Tip-1500/¿m 
ISOC^m-basis 
L. stolomferum (3,4) 
Tip 
Tip-base 
Full-grown 
R satizus Л ,, ,. 
L. sativum f ' 
Τιρ-25μπι 
25μm-basc 
Full-grown 
L' dioica (3) 
T i p 
Tip-base 
Full-grown 
А сера 
Tip 
Tip-base 
T h e distances that are indicated are averages measured from the tip. For details see the text. 
•References: (1) Emons (1982); (2) Emons & Wolters-Arts (1983); (3) Sassen et al. (1981); 
(4) Pluymaekcrs (1982); (5) Newcomb & Bonnett (1965). 
fSassen (personal communication). 
Random 
Random 
Helicoidal 
Helical 
Random 
Helicoidal 
No deposition 
Random* 
Helicoidal 
No deposition 
Random 
Axial 
No deposition 
Random 
Helical 
ρ 
Randomf 
Helicoidalf 
Random 
Axial 
Axial 
Axial 
5 
Axial 
Axial 
Random 
Axial 
Axial 
Axial 
Axial 
? 
Axial (helical) 
Axial (helical) 
Helical or absent 
Helical 
(transverse-axial) 
on the rootlets. Such root-hair formation seems to be rather atypical (compare: 
Cormack, 1949, 1962). 
Other possible functions of microtubules in root hairs 
The patterns of microtubules observed in this study may relate to various other cell 
properties, such as speed of growth (Lloyd, 1983, 1984), distribution and transport 
of cytoplasm within the cell (e.g., see Heath & Heath, 1978; Mizukami & Wade, 1983; 
Traas et al. 1984), cell expansion (Gunning, 1981; Marchant, 1974; Traas et al. 
1984) and cell polarity (Sievers & Schnepf, 1981; Mizukami & Wada, 1983). 
Growth speed. Λ relation between growth speed and microtubule orientation can 
neither be excluded nor corroborated, since no exact data concerning growth speed 
of the species described here are available. 
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Distribution of cytoplasm. In Raphanus, I^epidium, Limnobium and Equisetum 
axially oriented plasma strands with many mitochondria can be seen. These strands 
contained bundles of microtubules, whereas in the strictly cortical cytoplasm outside 
the plasma strands fewer and more homogeneously distributed microtubules were 
seen Such a relationship between plasma strands and microtubule distribution has 
also been described for Uromyces (Heath & Heath, 1978) and Bryopsts (Mizukami & 
Wada, 1983). A cooperative motile function for microtubules and microfilaments has 
been proposed in several reports (e.g., see Neuhaus-Url & Kiermayer, 1982). A 
relation between microtubules and microfilaments is also suggested by our own 
observations showing that microfilaments often coahgn with microtubules. Further­
more, in Limnobium large filament bundles occur in combination with low 
microtubule densities. This could mean that these bundles have taken over part of the 
microtubule function. 
Cell expansion and cell polarity In hairs of all species microtubules may protrude 
into the tip In the tips oi Equisetum ana Limnobium relatively small and randomly 
distributed microtubules were observed. Randomly distributed microtubules have 
also been found in other globular cells, such as protoplasts (Valk, Rennie, Conolly & 
Fowke, 1980; Lloyd, Slabas, Powell & Lowe, 1980). In expanding cells microtubules 
orientate transversely to the axis of expansion (Lloyd et al. 1980; Simmonds, Setter-
field&Brown, 1983; Gunning, 1981). It may well be that a similar relationship exists 
in many root hairs, in the extreme tip of the hairs the expansion may be the same m 
all directions, whereas in the lower part of the dome the expansion may be transverse 
(circumferential) to the cell axis with, accordingly, axial orientation of the 
microtubules. 
Such ordered patterns of microtubules are probably involved in the maintenance 
of cell polarity. Indeed, in Bryopsts colchicine treatment leads to a loss of polarity, to 
be restored only after removal of colchicine from the medium and restoration of the 
microtubules (Mizukami & Wada, 1983). 
It must be emphasized that the different possible functions of the microtubules are 
not mutually exclusive; their expression may depend on the demands of the moment. 
The observations on Allium and Urtica, especially, indicate that root hairs are much 
more versatile than is generally assumed. 
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CHAPTER 7 
DEPOSITION OF CELLULOSE MICROFIBRILS IN CELL WALLS OF ROOT HAIRS 
( published in: Eur. J. Cell Biol. 37, 21 - 26 ) 
M.M.A. Sassen, J.Α. Traas, A.M.C. Wolters-Arts 
SUMMARY 
A method to visualize the inner surface of the walls of root 
hairs is described. Hairs are briefly fixed, extracted in EGTA or 
in hydrogen peroxide/glacial acetic acid and attached to poly-L-
lysine coated grids. After critical point drying the cells are 
cleaved by means of adhesive tape. The cell walls remaining on 
the grids are shadowed with platinum in order to make the micro­
fibrils visible. 
In the tips of all root hairs, only primary walls with randomly 
oriented microfibrils are present. The secondary wall shows a 
fiber texture or a helicoidal texture, depending on the plant 
species. Just below the tip the first microfibrils of the 
secondary walls are deposited. The inner surface of these secon­
dary walls is described. Some of the results argue against a 
self-assembly hypothesis of the helicoidal wall. 
INTRODUCTION 
Ever since the beginning of electron microscopy, the Tiicrofibril 
architecture in the walls of many plant cells has been stadied. 
In primary walls of higher plant cells microfibrils are generally 
arranged in a random manner, whereas in secondary walls different 
types of textures may be found, particularly the fiber texture, 
the cross lamellate texture and the helicoidal texture ( for 
reviews see: FREY-WYSSLING, 1976 ; PRESTON, 1974; ROELOFSEN, 
1959 ). The occurrence of these different arrangements is most 
probably dependent on position and function of the plant cell. 
Root hairs, apart from having a primary wall with dispersed 
microfibrils, also show a secondary wall with either a fiber tex­
ture, especially in terrestrial plants, or a helicoidal texture, 
especially in aquatic plants ( SASSEN et al., 1981 ). 
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Although the wall architecture of root hairs is well 
established, the mechanism of cellulose microfibril deposition is 
hardly understood. One of the reasons for this lack of knowledge 
is the aosence of a suitable technique for studying the last 
deposited microfibrils. In this paper we present a new method, 
based on the dry cleaving technique ( TRAAS, 1984 ), allowing the 
examination of large areas of the inner wall surface. Using this 
technique we were able to study the inner surface of the walls at 
the very tip of the root hairs, where the newly synthesized 
microfibrils are deposited. 
MATERIALS AND METHODS 
PLANT MATERIAL 
root hairs of the following plant species were used: Limnobium 
stolomferum ( helicoidal wall ), Allium cepa ( wall texture 
unknown ), Raphanus sativus ( fiber texture ) and Ortica dioica 
( fiber texture ). 
Cutting of Limnobium and Urtica were cultured in an aqueous soil 
о о 
extract under greenhouse conditions at 25 С and 20 С res­
pectively. Roots with hairs developed within two or three weeks. 
Seeds of Allium and Raphanus were germinated in the dark on wet 
filter paper at room temperature. Special care was taken to 
select only growing hairs. 
ELECTRON MICROSCOPY 
Roots with growing hairs were cut from the plants and fixed 
briefly in glutaraldehyde ( GA ) ( 1% ) in phosphate buffered 
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saline ( PBS ) (pH 7 ) in order to stop cell wall synthesis. 
filter fixation, part of the wall matrix was extracted to allow 
examination of the microfibrils. The extraction procedure was 
adapted to the age of the hairs and to the species. Two different 
procedures were used: 
- Extraction in 100 mM ethylene glycol-bis(fò-amino-ethvlether)-
Ν,Ν,Ν'jN'-tetracetic acid ( EGTA ) in buffer for 2h. 
- Extraction in hydrogen peroxide/glacial acetic acid (H О /HAc) 
о о 2 2 
for 30 min to 1 h at 80 to 100 C. 
After extraction, the hairs were cut from the roots and attached 
t o p o l y - L - l y s m e - c o a t e d g r i d s . Next, h a i r s e x t r a c t e d in EGTA were 
postfixed in osmium tetroxide (OsO ) in order to facilitate 
4 
cleaving. All hairs were dehydrated and critical point dried. 
Finally, they were cleaved as described by Traas ( TRAAS, 1984 ). 
Cells that did not cleave readily viere broken open by gently 
sweeping them over a filter as described by Pryzv/ansky et 
al.(PRYZWANSKY et al., 1983 ). After cleaving, the cell wall 
material remaining on the grids was shadowed with platinum at an 
о 
angle of 45 and reinforced with carbon. Preparations were 
examined in a Philips EM 300 or 201. Of each species at least 4 
root hairs were studied. Preparation for thin sectioning was 
essentially as described earlier ( EMONS and WOLTERS-ARTS, 1983; 
PLUYMAEKERS, 1982; SASSEN et al., 1981 ). 
RESULTS 
In general, large areas of cleaved cell wall were visible after 
preparation as described m methods. In many hairs the cytoplasm 
had retracted , leaving only small remnants on the wall. These 
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Fig. 1. Cell walls of Limnobium stoloniferum root hairs. 
-a. Low magnification of a cleaved tip. The squares mark the 
position where the photographs in Figures 1c, d and e were 
taKen.-Large arrorf: longitudinal axis of the hair.-Bar 10 pm. 
-b. Transverse section though the wall. snowing the dispersed 
primary viali (ρ) and the arch-like patterns typical for helicoids 
in the secondary wall (S).-Bar 1 pm. 
-c to h. Details of cleaved walls at different distances from the 
extreme tip. Cell axis in all figures from the bottom to the top. 
The microfibril direction of the different lamellae is indicated 
in bars. The numbers next to the bars refer to the sequence of 
deposition of the laiiellae. The walls of (c) and (e) were extrac­
ted in EGTA. The walls of (d,f,q) and (h) were treated with 
H202/HAC. 
-c. 10 pm from the extreme tip, only a random texture of the 
primary wall is present.-Bar 1 pm. 
-d. 25 pm from the extreme tip; the first microfibrils of the 
secondary wall are deposited in a direction perpendicular to the 
longitudinal axis. -Bar 1 pm. 
-e. 30 pm from the tip; the first microfibrils of the second 
lamella of the secondary wall are deposited at an angle of about 
60° to the longitudinal axis. -Bar 1 um. 
-f. SO pm from the tip; the tirst fibrils of the third lamella 
are deposited at an angle of 20°to the longitudinal axis. -Bar 1 
pm. 
-q. 55 pm from the tip; microfibrils of tho third lamella lying 
over fibrils of the second lamella. -Bar 1 prn. 
-h. 67 pm from the tip; the third lamella is completed. Note the 
difference in microfibril density between (g) and (h). -Bar 1 pm. 
remnants indicated that the last deposited layer of microfibrils 
had remained intact. 
Extraction in 100 mM EGTA was sufficient to remove the wall 
matrix and to visualize the microfibrils in Limnobium and 
Rapnanus. For Urtica and Allium however, extraction in Η О /HAc 
о о 2 2 
was necessary at 80 and 100 С respectively. in Figures 1c to h 
the different procedures are compared for Limnobium. They 
consistently resulted in similar microfibril patterns and even 
prolonged treatment in H 0 /HAc did not seem to alter the fibril 
2 2 
organization significantly. However, in walls extracted with EGTA 
only, the fibrils appeared to be thicker and more difficult to 
discern individually ( compare Figs, le and If ). 
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LIMNOBIUM STOLONIFERUM 
Root hairs of Lmnobium possess a dispersed primary wall and a 
typical helicoidal secondary wall, as can be seen in thin 
sections (Fig. lb). Figures 1c to h show the microfibril 
organization of the inner surface of cleaved Limnobium root 
hairs. At the extreme tip the inner microfibrils are randomly 
oriented (Fig. 1c). At a distance of about 20 pm from the tip 
microfibrils are deposited more or less perpendicular to the 
longitudinal axis of the root hair (Fig. le). At a distance of 
about 30 pm the microfibrils form a Z-helix at an angle decrea-
o 
sing to 0 at a distance of 75 pm. This shift of microfibril 
direction continues until the wall reaches its final thickness 
( PLUYMAEKERS, 1982 ). As in all root hairs that we have studied, 
the microfibril density in individual lamellae increases over 
large areas ( at least 20 pm long in Limnobium, see Figs. lg,h ). 
This means that the growing ends of the microfibrils in one 
lamella are not lined up at the same distance from the tip. 
However, we were not able to discern these growing ends unambi-
guously in our preparations. Within one lamella, microfibrils 
often run in bundles. The photographs clearly show that the 
microfibrils of one lamella are not so strictly parallel and can 
locally deviate considerably from the main direction. 
ALLIUM CEPA 
As can be seen in transverse sections, Allium root hairs possess 
a random primary wall and a nelicoidal secondary wall (Figs. 
2b,c). From tangential sections it becomes clear that at least 
three, but probably four different directions of microfibrils are 
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Fig. 2. Cell walls of Allium сера root hairs.-a. Diagram showing 
the direction of microfibrils at different distances from the 
tip (squares).-b. Transverse section through the cell wall, 
showing a relatively thick dispersed primary wall (P) and a 
helicoidal secondary wall (S).-Bar 1 pm.-c. Tangential section 
showing that there are at least four different orientations 
(bars) of microfibrils in the secondary wall.-Bar 1 pm.-d,e. 
Cleaved walls of Allium root hairs.- d. Random primary wall at 
the extreme tip.-e. 20 pm from the tip. The first microfibrils of 
the second lamella are deposited at an angle of 0 to 10 degrees 
to the longitudinal axis.-Bars 1 pm. 
present in the secondary viali (Fig. 2c). Dry cleaving gave the 
same results, as shown in Figures 2d and e. In the tip, only a 
random primary wall is present (Fig. 2d). At a distance of about 
10 um from the tip, parallel-oriented microfibrils of the first 
о 
lamella are deposited, at an angle of about 30 to the cell's 
longitudinal axis. The maximum density of the microfibrils in the 
first lamella is reached at 20 pm from the tip. Figure 2e shows 
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Fig. 3. Cell wall of Raphanus sativus root hair.-a. Diagram 
showing the direction of the microfibrils at different distances 
from the tip.-b to d. Cleaved walls of Raphanus.-b. 20 pm from 
the tip; only a dispersed primary wall is present.-c. More than 
50 pn from the tip. The microfibril density in the secondary wall 
has not yet reached its maximum.-d. The microfibril density at 
the basis of a root hair at an unknown distance from the tip, 
showing the maximum density.-b to d. Bars 1 μπ\. 
Fig. 4. Cell walls of Urtica dioica root hairs.- a. Diagram 
showing the direction of the microfibrils at different distances 
from the tip.-b to d. Cleaved cell walls.-b. Random primary wall 
at the extreme tip.-c. 10 pm from the tip. The first microfibrils 
of the secondary wall have been deposited in the longitudinal 
direction.-d. 100 pm from the tip. Microfibrils are running at an 
angle of approximately 20 degrees.-b to d. Bars 1 urn. 
the first microfibrils of a second lamella running more or less 
in the longitudinal direction. 
RAPHANUS SATIVUS 
Root hairs of Raphanus sativus (Figs. 3a-d) show a primary wall 
with randomly oriented microfibrils and a secondary wall with a 
fiber texture. As can be seen in dry cleaved preparations, there 
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is a large zone beneath the tip with only a primary wall (Fig. 
3b). Although differences between individual hairs exist, this 
zone is normally at least 20 pm long. At about 30 pm from the tip 
the first microfibrils of the secondary wall are visible, running 
parallel to the longitudinal axis of the root hair. Towards the 
basis of the hair, tne microfibril density increases gradually 
(Figs. 3c, d) until the secondary wall is completed. Wall 
synthesis appears to continue up to at least 50 pm behind the 
tip (Fig. 3c) . 
URTICA DIOICA 
As in Raphanus, the cell wall of Urtica root hairs has a fiber 
texture. The random texture of the primary wall in the tip region 
(Fig. 4b) is, in basal direction, followed by a very thin lamella 
of axially oriented microfiorils making an angle of about 15 to 
о 
20 with the hair's longitudinal axis (Fig. 4d). This situation 
persists until the secondary cell wall is completed. A fiber 
texture of this kind is also defined as helical. 
DISCUSSION 
THE DRY CLEAVING TECHNIQUE 
Dry cleaving, in combination with extraction in EGTA or H О /HAc, 
2 2 
appears to be a reliable method for visualizing large surfaces of 
the inner wall, which was not possible with conventional 
techniques. To test the possibilities of this technique we have 
used root hairs as a model system. However, preliminary 
experiments indicate that the method can be applied to a wide 
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range of plant cells. 
Comparing the different extraction procedures it becomes 
evident that EGTA is less effective than H 0 /HAc treatment and 
2 2 
even fails to remove sufficient matrix material in some cases. 
Moreover, individual microfibrils are more easily discernable 
after H 0 /HAc treatment, while the organization of the wall does 
2 2 
not seem to be altered (see also PLUYMAEKERS, 1982 ). Another 
advantage of H 0 /HAc is that it enhances cleavage considerably. 
2 2 
MICROFIBRIL DEPOSITION IN ROOT HAIRS 
In tne utmost tip of all examined root hairs microfibrils are 
deposited at random. Although this was already concluded a long 
time ago from shadowed preparations of the outside of the tip 
(DAWES and BOWLER, 1959 ; FREY-WYSSLING and MUEHLETHALER, 1949; 
HOUWIMK and ROELOFSEN, 1954), from thin section ( EMONS and 
WOLTERS-ARTS, 1983; NEWCOMB and BONNETT, 1965; SASSEN et al., 
1981 ) and from studies using the polarizing microscope 
(ROELOFSEN, 1959 ), we were able, for tne first tine, to study 
directly the inside of the wall at the very tip. 
As far as the microfibril organization in the secondary walls 
is concerned, our results are in agreement with previous studies 
( DAWES and BOWLER, 1959; EMONS and WOLTERS-ARTS, 1983; FREY-
WISSLING and MUEHLETHALER, 1949; HOUWINK and ROELOFSEN, 1954; 
NEWCOMB and BONNETT, 1965; PLUYMAEKERS, 1982; SASSEN et al., 
1981) in which, dependent on the plant species, two types of 
secondary cell walls in root hairs are reported, namely walls 
with fiber texture and with helicoidal texture. 
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In all root hairs that we have studied, the first microfibrils 
of the secondary wall are deposited oeneath the tip. This is not 
m agreement with the finding of Pluymaekers (PLUYMAEKERS, 1982) 
who reported, that the secondary wall of Limnobium stoloniferum 
extended into the extreme tip. We have only found secondary walls 
in the tips of hairs that were not growing at all (Sassen, 
unpublished ). Therefore we think that Pluymaekers has used root 
hairs that were not growing normally. 
An interesting finding is that the microfibril density of a 
layer or lamella that is being deposited, increases gradually 
over longer Distances. In Limnobium cell walls for example, only 
a few microfibrils of the third lamella of the helicoidal wall 
are present at 50 pm from the tip, while at 75 pm this number has 
increased condiderably (Figs. If-h). This means that the growing 
ends of the microfibrils, and therefore their synthesizing 
particles, must be scattered over large surfaces. Such a 
distribution is in agreement with the observation of randomly 
scattered rosettes, most probably the cellulose synthesizing 
particles, in the membrane of different tip growing cells. 
CONTROL OF MICROFIBRIL ORGANIZATION 
According to a generally accepted hypothesis, microtubules 
primarily control the organization of microfibrils in the 
secondary walls. There is, however, strong evidence against this 
relationship in helicoidal walls ( ΕΜΟΝΞ and WOLTERS-ARTS, 1983). 
Neville has suggested that microtubules might control microfibril 
orientation in fiber textures, but for helicoidal walls he has 
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proposed a self-assembly mechanism like the one occurring in 
liquid crystals ( NEVILLE et al., 1976; NEVILLE and LEVY, 1994 ). 
Nevertheless, several observations including our own contradict 
such a model: 
-A highly ordered and regular system is required for self-assem-
bly. Microfibrils in helicoidal walls are not so strictly orien-
ted. Bundles of fibrils very often meander round an imaginary 
straight line, deviating considerably from the main direction. 
-For self assembly of one lamella, there must be a previous la-
mella with oriented microfibrils. Such a situation does not exist 
when deposition of the helicoidal wall begins, because at that 
moment only randomly oriented microfibrils are present. 
-Finally, cellulose molecules most probably do not crystallize 
from a liquid phase, but crystallize immediately after synthesis 
from plasma membrane particles ( e.g. MUELLER and BROWN, 1982 ). 
Therefore it seems more likely to us that a cytoplasmic or mem-
brane factor is involved in the orientation of cellulose micro-
fibrils. Whether microtubules or perhaps other cytoskeletal 
elements such as microfilaments are somehow responsible, still 
remains to be established. 
WALL TEXTURE AND CELL FUNCTION 
As observed so far, the root hairs of terrestrial plants general-
ly possess walls with a fiber texture, whereas aquatic plants 
have hairs with helicoidal walls ( SASSEN et al. 1981 ). There 
are, however, some noticeable exceptions, such as Allium cepa 
( this paper ) and Equisetum hyemale ( EMONS and WOLTERS-ARTS, 
1983; SASSEN et al. 1981 ). Most probably these differences are 
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related to differences in the function of the root hairs. In 
terrestrial plants roots function in fixing the plant in the 
soil. Any strain in the root hairs caused for example by move­
ments of the plant, is mostly oriented in the longitudinal direc­
tion. The fiber texture is an appropiate adaptation to these 
stretching forces. In aquatic plants root hairs are often free 
floating and as a consequence mostly do not have an anchoring 
function. These cells need walls that are stronger and more 
resistant to the effect of for example fluctuations in the water 
potential of the surrounding water, which causes changes m pres­
sure potential in the cell. The helicoidal wall of the hairs m 
aquatic plants is the appropriate architecture to withstand such 
changes. 
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CHAPTER 8 
DISTRIBUTION OF ACTIN FILAMENT BUNDLES IN DIFFERENTIATING ROOT 
CELLS OF EQUISETUM HYEMALE 
SUMMARY 
The distribution of F-actin was studied in various cell types m 
roots of Equisetum hyemale. Rhodamme labelled phalloidin was 
used to detect actm at the light microscopical level. Moreover 
the cytoskeleton was studied using dry cleaving for electron mi-
croscopy. 
In menstematic cells in interphase small bundles of actin can be 
seen throughout the cytoplasm. During cell division these bundles 
disappear, and no specific phalloidin staining can be seen until 
the formation of the phragmoplast, where a stronc diffuse stain-
ing co-distributes with the microtubules. During cell development 
the bundles become longer, forming a complex network in cortex 
and epidermal cells. The nucleus is surrounded by a weo of 
filaments, connected with the larger bundles. No relationship 
with cell expansion and microtubule patterns can be observed. 
In root hairs however, where both microtubules and microfilament 
bundles are axially oriented. In all cell types, the actin dis-
tribution apparently follows the pattern of cytoplasmic strea-
ming. 
INTRODUCTION 
It is generally accepted that the cytoskeleton in plant cells 
plays an important role in cell morphogenesis. Of the various 
cytoskeletal elements mainly the role of the microtubular system 
in cell development has been studied, whereas the function of the 
other major component, the F-actin skeleton, remains poorly un-
derstood. 
Though the presence of F-actin in plant cells was demonstrated 
unambiguously for the first time in Nitella, where it is involved 
in plasma streaming ( PALEVITZ, 1976 ), the study of its three 
Note: 
( Part of this chapter has been included in a manuscript, 
accepted for publication in Plant Science : Derksen, J., 
Traas, J., Oostendorp, T., 1985. Distribution of actin fila-
ments in diffarentiating cells of Equisetum hyemale root tips.) 
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dimensional distribution in plant cells had to wait for the 
development of various fluorescent techniques ( JACKSON, 1982 ). 
In higher plants labelled phallotoxins have been used to demon-
strate the distribution of F-actin in vascular cells of conifer 
roots, staminal hairs of Tradescantia and menstematic cells of 
onion root tips ( CLAYTON and LLOYD, 1985; PESACRATA et al. 1982; 
TIWARI et al. 1984 ), but no information is available concerning 
possible changes in actin distribution during cell morphogenesis. 
Recently we reported changes in the microtubule organization of 
differentiating root cortex cells ( TRAAS et al. 1984 ). In this 
paper we describe the distribution of F-actm, using rhodamine 
labelled phalloidin as a probe, in differentiating root cells of 
Eguiqetum hyenale. 
MATERIAL AND METHODS 
Stem cuttings of Equisetum hyemale, common scouring rush, were 
grown m tap water under greenhouse conditions. Roots with hairs 
developed within a week. For fluorescence microscopy roots with 
hairs were excised and fixed in 4% freshly prepared paraformal-
dehyde in buffer, pH 6.5, at room temperature. The buffers used 
were: 0.IM phosphate, and 0.05M PIPES, with the addition of 10 mM 
EGTA and 5mM MgSO . Further preparation was as descnoed pre-
4 
viously ( TRAAS et al. 1984 ), but usually air drvmg and cellu-
-6 
lase treatment were omitted. Preparations were treated with 10 M 
rhodamine-phalloidin in buffer ( WULF et al. 1979 ). Controls 
-4 
were made by pretreatment with 10 M phalloidin. For double 
staining of tubulin and F-actin, preparations were made as des-
cribed above. The first antibody used was a monoclonal rat anti-
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tubulin ( MAS 077, Sera Labs. ltd ), the second antibody was a 
FITC- labelled goat anti-rat ( Nordic BV ). Rhodamine labeled 
phalloidm was added with the second antibody. 
The use of different buffers, air drying, cellulase treatment did 
not alter significantly the appearance of the preparations. 
Preparations were examined in a Leitz Orthoplan microscope 
equipped for immunofluorescence. Photographs were made on Agfapan 
400 ASA prof. film. 
For dry cleaving, cells were fixed in 1% glutaraldehyde in buffer 
with the addition of 10 mM EGTA and 5 mM MgSO . Subsequently they 
4 
were prepared for dry cleaving as descibed earlier (TRAAS,1984). 
RESULTS 
FLUORESCENCE MICROSCOPY 
In menstematic interphase cells short, thin bundles are visible 
around the nucleus. They are also found at the cell's periphery 
( see fig. la ). The cells show a rather high background staining 
that does not allow a more detailed description. In dividing 
cells the actin cables are no longer visible. However, the phrag-
moplast shows a clear but diffuse staining, co-distributing with 
the microtubules ( fig. lb ). 
Epidermal cells contain a large central vacuole and probably 
therefore hardly any background staining is observed. They obtain 
their shape by elongation and - to a limited extent - lateral ex-
pansion. Throughout the thin layer of cytoplasm between vacuolar 
and plasma membrane, actin cables can be seen mostly parallel to 
the cell's long axis ( fig. 1c ), although they can deviate 
considerably from that direction. This pattern is already present 
119 
Fig.l. F-actin bundles in root cells of Equisetum hyemale. 
-a. Meristematic cell in interphase. Arrows, cables at the plasma 
membrane. N, nucleus. (1500x). 
-b. Phragmoplast, showing the presence of F-actin although no ca­
bles can be seen (1500x). 
-c. Four adjacent epidermal cells (pointers: cell boundaries); 
most actin bundles can be seen parallel to the cell's long 
axis (850x). 
-d. Detail of a cortex cell actin bundles are branching through­
out the cell (pointers). Arrows: bundles associated with the 
nucleus (N) (2000X). 
-e,f. Root hairs. -e. tip of a root hair with short bundles 
(arrows) throughout the cytoplasm, protruding into the tip. 
Both in the tip and in the lower part of the hair (f) bundles 
axially oriented (ІЗООх). 
in the rapidly expanding cells from the elongation zone ( not 
shown ). Clearly, the filament bundles are not uniform in dia­
meter and thicker cables branch into smaller ones forming a 
complicated network. 
Cortex cells also contain a large central vacuole. Their shape is 
due to both longitudinal and lateral expansion. Actin cables can 
be seen branching throughout the cell ( fig. id), the axial di­
rections being predominant. In these cells the nucleus is posi­
tioned close to the plasma membrane, usually halfway the long 
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axis of the cell. The nucleus is surrounded by a web of thin 
cables that seems to be connected with the thick bundles running 
from the nucleus to the cell edges ( fig. id ). Thick bundles can 
also be seen without connections with the nucleus ( fig. Id ). 
Fig. 2 Cortex cells. a,b double labelling of microtubules (a) and 
F-actin (b). Microtubules show regular, helical patterns, com­
pletely different from the actin pattern (1200x). In (с) a 
detail of a dry cleaved cortex cell is shown, showing microtubu­
les (arrows) and putative actin cables (pointers) having 
completely different directions. (16,000x). 
In cortex cells that were stained simultanuously for tubulin and 
F-actin, microtubules showed regular, helical patterns whereas 
actin cables showed very irregular patterns, completely different 
from those of the microtubules. 
In root hairs the actm pattern is much more regular. In all 
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hairs long bundles can be seen, that are axially oriented ( fig. 
Ie,f ) exactly like the microtubules. The actin cables protrude 
into the extreme tip ( fig. le ). 
In cells pretreated with unlaoelled phalloidin no actin cables 
could be visualized. However, especially in meristematic cells 
some faint background staining remains indicating that part of 
the background is due to rhodamme binding. The cell walls in our 
preparations hardly bind any free rhodamme. 
DRY CLEAVING 
Dry cleave preparations show the presence of a fine network of 
filaments, which locally differentiates into bundles (fig. 2c). 
These bundles most probably are composed of actm filaments, as 
they show the same patterns as the actin cables visualized using 
fluorescence microscopy. In sone cases such bundles run very 
close to the membrane and they are most probably directly 
attached to the latter ( fig. 2c ). 
DISCUSSION 
In all cells, especially around the nucleus, a web of t h m 
bundles can be observed. Thicker cables are found at the plasFia-
lenma, particularly in the large cells of the epidermis and cor-
tex. Putative actin cables can be seen in dry cleave preparations 
of cortex cells and root hairs ( TRAAS et al. 1985 ) where they 
are at least partly attached to the plasmalemma. May be such 
attachments occur in all cell types. 
In epidermal cells and root hairs the distribution of the actin 
bundles resembles the pattern of plasma streaming ( not shown ) 
and therefore their main function may be to generate plasma 
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streaming as has been suggested for numerous plant cells ( e.g. 
JACKSON, 1982; PESACRETA et al. 1982; TIWARI et al. 1984; 
WILLIAMSON, 1983 ) . 
In Characean algae and also in Val lisnena leaf cells actin 
cables form regular arrays with the same polarity ( YAMAGUCHI and 
NAGAI, 1981; KERSEY et al. 1975 ). In the large cells from epi­
dermis and cortex studied here the actin pattern is much more 
irregular. Since also plasma streaming in epidermal cells and 
root hairs is circulatory and irregular - this in contrast with 
Cnaracean algae and Vallisneria - we do not expect a uniform 
polarity of the actin bundles in these root cells. Indeed, this 
was reported for root hairs of Raphanus sativus where even 
filaments within one bundle can have opposite polarity (SEAGULL 
and HEATH, 1979) . 
The distribution of actin bundles in cortical and epidermal cells 
is clearly different from that of the microtubules and no 
correlation is observed. In contrast to microtubules, which show 
helical configurations related to cell expansion ( see TRAAS et 
al. 1984 ), the pattern of the actin bundles remains essentially 
the same during cell development; they become only longer and 
thicker. In root hairs both actin cables and microtubules are 
found parallel to each other m net ахэаі directions, which has 
been reported for different tip growing cells ( HOCH and STAPLES, 
1985; SEAGULL and HEATH, 1979; TRAAS et al. 1985 ). It has even 
been proposed that actin filaments function in conjunction with 
microtuDules in coordinating the organization of the cytoplasm 
(SEAGULL and HEATH, 1979; SCHNEPF, 1982; TRAAS et al, 1985). The 
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orientations of microtubules and microfilament bundles are not 
necessarily related to eacn other in tip growing cells. In root 
hairs of Allium сера for example both elements show completely 
different arrangements ( DERKSEN, unpublished ). 
The many bundles that radiate out from the nucleus through the 
cytoplasm may be involved in both transport of nuclear products 
to the cell's penfery and in positioning the nucleus in the 
cell. 
Using rhodamine-phal loidine we could not detect unaTibiguously 
F-actm in the spindle, which is in agreement with the findings 
of others ( CLAYTON and LLOYD, 1985 ). However, conflicting evi­
dence has been reported by FORER and JACKSON ( 19 76 ) ( FORER, 
1982 ), who have proposed a direct role of actin filaments in 
chromosome movement of higher plants. It cannot be ruled out that 
the amount of actin in the spindle is to small to be detected at 
the lignt microscopical level. 
The co-distribution of F-actin and microtubules in the phragmo-
plast ( see also: CLAYTON and LLOYD, 1985 ) suggests an involve­
ment of actin in the transport of membrane material to the new 
membrane , with microtubules as a guiding element. 
In general, the results presented in this study support the view 
that actin is mainly involved in the internal organization of the 
cytoplasm and not directly in cell morphogenesis. However, the 
observation of putative microfilaments related to microtubules 
( TRAAS et al, 1985; TIWARI et al, 1984 ) and the existence of 
connections between microfilaments and the cell membrane in va­
rious systems ( TRAAS, 1984; WILLIAMSON, 1983 ) might still argue 
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for a role of actin in cell morphogenesis. As in the spindle, the 
amount of actin at the plasmalemma might be to small and/or to 
diffuse to be detected with the present technique. 
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IV MICROTUBULES IN POLLEN TUBES OF NICOTIANA TABACUM 

CHAPTER 9 
MICROTUBULES IN POLLEN TUBES OF NICOTIANA TABACUM GROWN IN VITRO 
SUMMARY 
Microtubular skeletons in tobacco pollen tubes, cultured in vitro 
were studied using dry cleaving and immunofluorescence. The cor­
tical microtubules in the vegetative cells show net axial or 
helical orientations. They protrude into the extreme tip. 
In the generative cell of tobacco pollen tubes microtubule 
strands are net axial; they form a basket probably enclosing the 
entire cytoplasm of the generative cell. The microtubular 
skeleton is already present while the generative cell is still in 
the pollen grain and remains essentially unchanged until the 
generative cell passes the vegetative nucleus during development 
of the pollen tube. 
The effect of the drugs colchicine, deuterium oxide, cytochalasin 
В and phalloidin on germination, growth and organization of 
the microtubules was also established. Although germination and 
growth were inhibited, the pollen tubes did not lose their 
polarity in the presence of these drugs. In the presence of col­
chicine no or little microtubules were observed. Other drug-
treatments caused distortions of the microtubular organization. 
INTRODUCTION 
Pollen tubes are growing at their tip only. Growth involves the 
migration of vesicles to the tip, providing membrane and wall 
material necessary for cell extension ( ROSEN et al. 1964; PICTON 
and STEER, 1982 ). The mechanism of this unipolar development is 
poorly understood, although most probably the cytoskeleton is 
primarily involved in polar organization of the cytoplasm and 
morphogenesis ( SIEVERS and SCHNEPF, 1981; TRAAS et al. 1985 ). 
Therefore the study of cytoskeletal organization may lead to a 
better understanding of the development of the pollen tube. The 
microtubular and microfilamentous system have been studied in 
detail using thin sectioning for electron microscopy ( CRESTI et 
Note: 
( Part of this chapter has been included in the following 
publications Symp. on Repr. m Seed Plants, Ferns and Mosses 
( Wageningen ), and m : Eur. J. Cell Biol. 38, 142 - 148. ) 
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al. 1984; FRANKE et al. 1972; HERRERO and DICKINSON , 1981; 
SANGER and JACKSON, 1971 ). However, these studies have provided 
little information concerning the three dimensional organization 
of these cytoskeletal elements during cell development. We have 
used both dry cleaving ( TRAAS, 1984 ) and immunofluorescence to 
investigate cytoskeletal organization in developing pollen tubes. 
Since microtubules are supposed to play an important role in cell 
morphogenesis ( for reviews see: LLOYD, 1982 ), we have first 
studied the distribution of these elements in developing tobacco 
pollen tubes. Moreover, we have studied the effect of various 
drugs interfering with the cytoskeleton on germination, growth 
and microtubule organization. 
MATERIAL AND METHODS 
Pollen was collected from Nicoliana tabacum L. cv. Samsun. 10 mg. 
portions of pollen were incubated in sucrose borate medium or in 
Brewbaker and Kwack medium ( BREWBAKER and KWACK, 1963 ). 
Drugs were added to the medium in various concentrations. Colchi­
cine, deuterium oxide, phalloidin and cytochalasin В were used. 
Germination was scored from at least 1000 pollen grains. Pollen 
tube length was determined from at least 200 germinated pollen. 
All experiments were carried out in duplo. 
DRY CLEAVING 
Dry cleaving was carried out as described by TRAAS ( 1984 ). For 
cell wall digestion 5% cellulysin ( Calbiochem ) was used. Prepa­
rations were examined using a Philips EM 201. 
IMMUNOFLUORESCFNCE MICROSCOPY 
Preparations were made essentially as described by WICK et al. 
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1981 with some important modifications. Immediately before fixa-
tion EGTA (5mM) and MgSO (2.5mM) were added to the germination 
4 
medium, which improved the preservation of the microtubules. Then 
10 ml of a freshly prepared fixative, containing 4% PFA, 9% 
sucrose, 5 mM MgSO and 20 mM phosphate buffer were slowly added 
4 
to the incubation medium. In some cases 50 mM PIPES was used 
instead of phosphate buffer. 
The pollen tubes were transferred to a centrifuge tube and 
allowed to settle. Then the fixative was replaced by the same so-
lution without sucrose and the fixation was continued for 4 h. 
Fig. 1. Micrographs of dry cleave preparations of tobacco pollen 
tubes. -a. Pollen tubes showing microtubules (arrows), coated 
pits (circles), coated vesicles (cv) and endoplasmic reticulum 
(er). -Bar 1 um. 
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After fixation pollen tubes were rinsed 4 tines in buffer without 
fixative. In order to make the pollen tube wall permeable for the 
antibodies we used two methods: 
- For studying the microtubules in the generative cells, pollen 
tubes were treated with 10% cellulysin in buffer for 10 mm. 
After 3 washes, the extraction of the wall was continued in buf-
fer for at least 4 h. The first antibody was added either to pol-
len tubes in suspension or to pollen tubes which had been attach-
ed to a poly-L-lysine coated coverslip. The latter were either 
stained immediately or after air-drymg. 
-In order to demonstrate the presence of microtubules m the 
vegetative cells of the pollen tubes, non-enzyme treated ,air 
dried pollen tubes attached to poly-L-lysine coated coverslips, 
were perforated by scratching over the surface with a razor 
blade. Additional procedures were as has been described previous-
ly ( WICK et al. 1981 ). In these preparations the background 
fluorescence was greatly reduced and cells were better flattened. 
Though most pollen grains could not be stained with antibodies, 
it was possible to obtain preparations from generative cells in 
pollen grains by using germinated pollen with a tube size of 
about 10 pm. The primary antibody was a monoclonal rat anti-
tubulin ( MAS 077, Sera Lab ) the second antibody was a FITC 
con]ugated rabbit ant-rat antibody ( Nordic BV ). Observations 
were made using a Leitz fluorescence microscope. Micrographs 
were made with a Leitz Vano Orthomat combination on Agfa- Pan 
professional film, 400 ASA. 
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Fig. 2. Micrographs of immunofluorescence preparations of pollen 
tubes. Microtubule strands (rat) can be seen in net-axial (a) and 
helical (b) configurations. The long axis runs frora the left to 
the right. -Bar 5 μπι. 
RESULTS 
DRY CLEAVING 
Cleaved pollen tubes showed cortical microtubules, small membrane 
adherent filaments and other structures such as endoplasmic reti­
culum, mitochondria, coated pits and coated vesicles ( Fig. 1 ). 
As determined from 10 cleaved cells microtubules in the 
vegetative cells showed orientations that were net-axial or 
slightly helical ( see also below ). 
IMMUNOFLUORESCENCE 
Microtubules in the vegetative eel Is. In the vegetative cells 
long parallel strands of cortical microtubules were observed 
( Figs. 2a and b ). The orientation of the microtubules was 
usually axial, but also helical orientations occurred (Fig. 2b). 
Microtubules protruded into the extreme tip of the pollen tube, 
where both helical and axial orientations were found (not shown). 
During growth the organization of the microtubules remained the 
same, but after 6 h the pattern became more irregular. 
Microtubules in the generative eel Is. Microtubule strands of the 
generative cells always formed a basket enclosing most probably 
the entire cytoplasm ( Fig. 3a - d ). The microtubule strands 
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Fig. 3. Micrographs of immunofluorescence preparations of pollen 
tubes with generative cells. 
-a.Side view of a generative cell m the pollen grain, showing 
the axial microtubule strands (arrows). 
-b.Polar view: the generative cell is closely attached to the 
vegetative nucleus (asterisk). 
-c.A generative cell (GC) entering the pollen tube, the apical 
part of the cell is bent backwards. 
-d.A generative cell in a growing pollen tube showing axial 
microtubules; occasionally crossing microtubule strands 
(black arrows) can be observed; also very long microtubules 
probably belonging to the vegetative cell can be seen (white 
arrows). 
-e,f.Generative cells m growing tubes witn the tail at the 
proximal part which is either straight as in (e) or twisted 
as in (f) . 
-g.Generative cell (GC) starting to pass the vegetative nucleus 
(asterisk), at the beginning the shape of the cell and the 
organization of the microtubules remain unchanged. 
-h,i.When passage is almost completed, the generative cell 
bends over the vegetiative nucleus and the orientation of 
the microtubules (arrows) changes;two different focus 
levels. 
-j.A generative cell (GC) that has passed the vegetative 
nucleus (asterisk). The generative cell is bent over the ve-
getative nucleus; microtubules (mt) are indicated. -Bar 
lOpm. 
showed net axial orientations but deviations from the cell axis 
or even crossing microtubules could be observed ( Fig. 3a - d ). 
In pollen the generative cells appeared as spindle shaped bodies 
closely connected with the vegetative nucleus ( Fig. 3a ). As can 
be judged from our preparations, shape and size of the spindles 
did not change markedly during further development of the pollen 
tube ( Figs. 3c - f ), but the proximal part of the spindle 
became longer and formed a tail ( Figs. 3d,e ). Often, the elon-
gated part appeared to be twisted ( Fig. 3f ). During growLh the 
generative cell followed the vegetative nucleus. About 6 h 
after germination, when the generative cell passed the vegetative 
nucleus, the pattern became distorted ( Fig. 3i ). After the 
generative cell had completed passage, the cell was no longer 
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spindle shaped, but bended over the vegetative nucleus. 
DRUG TREATMENTS 
Effect on germination and growth. Different concentrations of 
-5 -3 
colchicine (10 M - 10 M ) , deuterium oxide (10 - 25M) cyto-
-11 -10 -4 -3 
chalasin В (10 M- 10 ) and phalloidin (10 M - 10 M) were 
used. All drugs inhibited germination and growth. However, the 
effects of phalloidin and cytochalasin В on growth occurred at 
lower concentrations than the effects on germination. A concen-
-11 -4 
tration of 2.10 M cytochalasin and 10 M phalloidin did not 
affect or even stimulated germination while at these concentra­
tions growth was reduced with 15 and 30% respectively. 
In general the effects of the drugs were more pronounced on 
growth as compared to the effects on germination. 
Effects on the microtubular skeleton. The presence of the drugs 
in all cases caused changes in microtubular organization (Fig. 
4, table 1 ). For immunofluorescence the following concentrations 
-4 -3 
were used: 10 M colchicine, 25M D O , 10 M phalloidin and 
-11 2 
4.10 cytochalasin B. 
a) In most colchicine treated pollen tubes a high background 
of the cytoplasm was observed while microtubules were absent 
( fig. 4a ). In a few cells strands of microtubules were still 
visible, but these were less strictly axially oriented than the 
controls ( not shown ). Although growth continued, the diameter 
of the individual pollen tubes was highly variable. Organization 
of the cytoplasm and plasmastreaming were disturbed. 
b) . D O caused changes in the microtubule organization. 
2 
Microtubule strands were shorter, and less straight than the 
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controls. Moreover, helical configurations were more often 
observed ( fig. 4b, table 1 ). Both organization of the cytoplasm 
and plasma streaming were disturbed. The diameter of the tubes 
was irregular, larger than in the controls. About 50% of the 
tubes were twisted ( fig. 4b ). 
c). Phalloidin equally affected micotubule organization, 
especially the organization of the bundles. Crossing microtubule 
strands and helical patterns were more frequently observed than 
in the controls ( see table 1; fig. 4c ). Organization of the 
cytoplasm and plasma streaming seemed to be normal. 
Fig. 4. Immunofluorescence microscopy of pollen grown in: 
colchicine (a), deuterium oxide (b), phalloidin (c) and 
cytochalasin В (d). Arrowheads, microtubule-bundles.-Bar 5 pm. 
d) Cytochalasin В caused a severe distortion of the 
microtubular organization. Wavelike patterns with many crossing 
bundles were observed in most pollen tubes ( fig. 4d ). Like the 
other inhibitors used, cytochalasin В treatment resulted in more 
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mean 
4 
21 
12 
14 
Ν 
95 ι 
118 
129 ι 
121 ι 
(-1) 
(-17) 
(-11) 
(-16) 
helical patterns ( table 1 ). No obvious disturbances in the 
cytoplasmic organization were observed, although cytoplasmic 
streaming was more irregular. 
None of the drugs caused important changes in the microtubular 
organization of the generative cells, however, the effect of 
treatments longer then 3 h was not investigated. 
range mode 
control 0-45 0 (60%) 
2 
D O 0-85 0 (20%) 
phalloidin 0-75 0 (23%) 
cytochalasin 0-70 0 (32%) 
Table 1. Main direction ( helix pitch ) of the mi­
crotubules. The angle of the microtubules with the 
cell axis was measured at intervals of 5 degrees. 
Range, mode and mean are given in degrees. In 
parentheses in column 2: percentage of pollen tubes 
within the mode. N: number of cells measured; number 
of cells from which no main orientation could be 
determined between parentheses. 
DISCUSSION 
Both dry cleaving and immunofluorescence microscopy appear to be 
suitable methods to study the microtubular cytoskeleton in pollen 
tubes. Thin sectioning has been used previously to study the 
cytoskeleton in these cells ( e.g. FRANKE et al. 1972; SANGER and 
JACKSON, 1971; MASCARENHAS, 1975; ORESTI et al. 1984 ). However, 
here we describe for the first time the three dimensional organi­
zation of the microtubular system during pollen development. 
MICROTUBULES IN THE VEGETATIVE CELL 
Early studies seemed to indicate that microtubules were absent in 
the growing pollen tube ( for review see: Mascarenhas, 1975 ). 
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Later on, however, their presence was demonstrated in pollen 
tubes of a number of plant species ( FRANKE et al. 1972; ORESTI 
et al. 1984 ). Likewise, we have shown here the presence of 
extensive microtubule arrays in vegetative cells of Nicotiana 
tabacum. In most pollen tubes microtubules are found in net axial 
orientations, which is found in many tip growing cells ( FRANKE 
et al. 1972; SCHNEPF, 1982; TRAAS et al. 1985; LLOYD and WELLS, 
1985 ). In a number of pollen tubes helical microtubule patterns 
have been observed. This is unusual for tip growing cells and is 
normally found in cells expanding over their entire surface 
(LLOYD, 1983; TRAAS et al. 1984, 1985; LLOYD and WELLS, 1985 ). 
The function of these helical arrangements in pollen tubes re-
mains unclear so far. 
In tip growing plant cells the orientation of microtubules has 
been related with the pattern of cellulose microfibril deposition 
( e.g. LLOYD and WELLS, 1985 ). In pollen tubes of tobacco such a 
relationship does not exist: microfibrils are deposited in ran-
dom orientations ( KROH and KNUIMAN, personal communication), 
whereas microtubules are usually found in net axial or slight 
helical configurations. Alternatively the microtubular system in 
tip growing cells might have other functions like the maintenance 
of polarity and the organization of the cytoplasm ( e.g. SCHNEPF, 
1982; MIZUKAMI and WADA, 1983 ). Microtubule inhibitors also 
affect cell polarity in Bryopsis and Fuñaría ( MIZUKAMI and WADA, 
1983; SCHMIEDEL and SCHNEPF, 1980 ). Colchicine and D 0 however, 
2 
did not disturb polarity in pollen tubes of tobacco, although 
these inhibitors clearly affected the microtubular system. Simi-
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lar results were obtained by FRANKE et al. ( 1972 ) with Lilium 
and Clivia pollen tubes. From these results it was concluded, 
that microtubules are not essential for cytoplasma streaming and 
polar transport in these cells and that the microfilamentous 
system is clearly involved in these processes. It may be sugges­
ted, that the cortical microtubulps are only required during 
specific stages of pollen tube development , for example during 
transport of the generative cell. 
The effect of cytochalasin В on microtubule organization as 
described here indicates a relationship between microfilaments 
and microtubules. Likewise, SEAGULL and HEATH ( 1980 ) reported 
changes in the microtubular system after cytochalasin В treat­
ment. Such results point at an integration of microtubular and 
microfilamentous action and it is suggested here that both ele­
ments play a role in polar growth, one system taking over v/hen 
the other fails. 
MICROTUBULES IN THE GENERATIVE CELL 
The presence of microtubules in the long direction of the 
generative cell can already be observed before the cell enters 
the pollen tube. This arrangement of the microtubules is main­
tained until the generative cell passes the vegetative nucleus. 
Our findings are in agreement with those of JACKSON and SANGER 
(1971) and of CRESTI et al. (1984) who observed axially oriented 
microtubules inside generative cells, close to the membrane. 
JACKSON and SANGER ( 1971 ) suggested a role for microtubules in 
the maintenance of the assymmetnc shape of the generative cell. 
This view \ia.s supported by the observation that generative cells 
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This view was supported by the observation that generative cells 
of Haemanthus round up after treatment with colchicine and IPC. 
We did not observe any effect of colchicine on cell shape 
probably because treatments up to three hours were not sufficient 
to degrade the microtubular system m the generative cells. 
Lateral expansion in both animal and plant cells is usually 
prevented by microtubules, oriented perpendicular to the long 
axis. Axially oriented microtubules are mostly found in combina-
tion with polar growth or polar movement ( DUSTIN, 1985; TRAAS et 
al. 1984 and references therein ). Therefore the axial microtu-
bules in generative cells of tobacco might also be involved in 
amoeboid movement ( see also: CRESTI et al. 1984 ). 
Some of the microtubule strands associated with the generative 
cells appear much longer than the cells themselves and are 
perhaps located outside, in the cytoplasm of the vegetative cell. 
These bundles could play a role in leading the transport of the 
generative cell. Alternatively these microtubules might be asso-
ciated with long projections of the generative cells. Such pro-
jections can extend to 30 urn from the generative cell body. They 
have been described for many plant species ( e.g. RÜSSEL and 
CASS, 1981 ) and usually cannot be observed at the light micros-
copical level. 
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V COATED PITS AND VESICLES IN PLANT CELLS 

CHAPTER 10 
COATED PITS AND VESICLES IN PLANT CELLS 
( part of this chapter has been submitted for publication ) 
SUMMARY 
Distribution and morphology of coated pits on the plasma membrane 
were studied in a variety of plant cells. Using dry cleaving, 
coated membranes were visualized in growing and full grown root 
hairs, menstematic cells, root cortex cells and protoplasts of 
different plant species. 
Coated pits and vesicles had the same size in all plant cells 
used. Planar pits ranged from 60 to 200 nm in diameter, the 
curving pits from 72 to 124 nm and the vesicles from 72 to 96 nm. 
Hexagonal patterns of clathnn molecules were observed in all 
pits. Curving pits, and occasionally planar pits, also showed 
pentagons. 
Though highly variable, pit density in actively growing cells was 
higher than in non-growing cells. From our data and those 
obtained by others it can be calculated that growing cells can 
retrieve their entire plasma membrane by means of coated vesicles 
within 20 - 40 min. 
INTRODUCTION 
Coated pits and vesicles provide a major system in all eukaryotic 
cells for the uptake and secretion of molecules and membrane 
components ( for reviews: NEWCOMB, 1980; PEARSE and BRETCHER, 
1981; HARRISON and KIRCHHAUSEN, 1983 ). 
In animal cells coated pits on the plasma membrane function in 
receptor mediated endocytosis. This involves the binding of par-
ticular ligands to high affinity cell surface receptors which 
aggregate into coated pits ( PEARSE and BRETCHER, 1981; GEUZE et 
al. 1983 ). Coated membranes also play a role in exocytosis by 
transporting newly synthesized molecules from the dictyosomes to 
the plasma membrane ( PEARSE and BRETCHER, 1981; STEER and KLAUS-
NER, 1983 ). An additional role has also been proposed for coated 
membranes: regulating the transport of membrane components. 
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The major structural protein of the coats is clathrin, which, 
together with smaller chains, forms the typical polygonal pattern 
on the cytoplasmic surfaces of the pits ( CROWTHER et al. 1976; 
CROWTHER and PEARSE, 1981; UNGEWICKEL and BRANTON, 1981 ). Chan-
ges in the arrangement of the coat-proteins and interactions with 
cytoskeletal elements play an important role in the conversion of 
coated pits into vesicles ( HEUSER, 1980; SALISBURY et al. 1980; 
CROWTHER and PEARSE, 1981 ). 
Coated pits and vesicles m plant cells are similar in structure 
and composition to those found in animal systems ( NEWCOMB, 1980; 
MERSEY et al. 1985 ). While it has been proposed that the main 
function of clathrin coats is in the exocytosis of cell wall 
material and/or membrane components ( BONNET and NEWCOMB, 
1966; FRANKE and HERTH, 1974; NAKAMURA and MIKI-HIROSIGE, 1982; 
GRIFFING et al. 1984 ), evidence is accumulating that coated 
vesicles on the plasma membrane are also involved in endocytosis 
( JOACHIM and ROBINSON, 1985; TANCHAK et al. 1985; O'NEIL, 1984). 
On the whole, very little is known about the exact function of 
coated pits and vesicles in plant cells. Although several ultra-
structural studies have provided important information on coated 
pits in plant cells ( for review see: NEWCOMB, 1981 ) detailed 
quantitative data are scarce. In fact such data have only been 
obtained using whole mount preparations of protoplasts ( VAN 
DER VALK and FOWKE, 1981; FOWKE et al. 1983 ). In the present 
study we have used the dry cleaving technique to study quantita-
tively coated pits and vesicles on the plasma membranes of a 
number of cell types with different expansion characteristics. 
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With the exception of the protoplasts, all these cells actively 
form cell walls: 
- rapidly expanding membranes of root hair tips and menstematic 
cells 
- non expanding membranes of growing root hair tubes 
- non expanding membranes of full grown root hairs 
- membranes of elongated cortex cells, which still expand to a 
limited extent 
-membranes of protoplasts which probably do not expand. 
The results are discussed with respect to their possible roles in 
membrane turnover and cell wall synthesis. 
MATERIAL AND METHODS 
The following material was used: growing and full grown root 
hairs of Equisetum hyemale, menstematic and elongated cortex 
cells of Raphanus sativus, elongated root cortex cells of 
Limnobium stoloniferum and Ceratoptens thalictroides and proto­
plasts of Nicotiana plumbaginifolia suspension culture cells. 
Roots of Equisetum, Raphanus, Limnobium, and Ceratoptens were 
grown as described previously (TRAAS et al. 1985). Protoplasts 
were prepared by incubating suspension culture cells in 4% 
о 
cellulase, 0.5% hemicellulase m 0.4M mannitol for 3 h (2fi C, 50 
rpm ) . 
Roots were fixed and prepared for dry cleaving as described 
elsewhere ( TRAAS, 1984 ). Protoplasts were fixed in 2% GA in 
0.4M Mannitol for Ih, rinsed in PIPES buffer (50 mM), and treated 
with tannic acid (1% m PIPES, 30 mm).The cells were then rinsed 
in buffer and allowed to settle on poly-L-lysine coated grids. 
Further treatment for dry cleaving was as described previously 
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(TRAAS, 1984). Micrographs were made using a Philips EM 201 and 
printed at a final magnification of 25.000 to 35.000x. Counts 
were made directly from the photographs. 
ІШШ. 
'-. 
V 
Л 
Fig. 1. Different stages of pit formation in protoplasts of Nico-
tiana plumbaginifolia. -a. small pit, shov/ing only one hexagon. -
b. small, planar pit showing a pentagon in the center. -c,d. 
planar pits. -e. curving pit. -f. two adjacent pits. -q,h. 
coated vesicle. The membrane can be discerned. All bars: lOOnm. 
Fig. 2. Stereo micrograph, showing two curving pits. Note 
pentagons at the apex of the pits. Bar: 100 nm. 
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RESULTS 
ULTRASTRUCTURE OF COATED PITS 
In all preparations coated pits and vesicles were found on the 
plasma membrane. All stages between small, planar pits and com­
pleted vesicles could be observed ( fig.l, 2 ). Their ultrastruc­
ture was the same in all cell types. 
The pits varied in diameter from 60 to 200 nm, the smaller ones 
consisting of 6 or 7 polygons ( fig. la,b ). Fig. 3 shows a 
histogram of the number of polygons per coated pit in Equise-
tum root hairs. This number usually varied between 6 and 25 
polygons. Occasionally larger pits were also observed ( fig.If ), 
representing a group of two or, more rarely, three proximal pits 
Though small, planar pits mostly showed only hexagons, pentagons 
were also observed ( fig. la,b ). A pentagon was always found at 
the apex of the curving pits (fig. 2). 
The center to center distance of the hexagons was approximately 
25 nm, the edges of the polygons had a diameter of 7 to 8 nm. 
Coated vesicles had a diameter varying from 72 to 96 nm. Within 
the coats small membrane vesicles could often be observed ( fig. 
lg,h). The diameter of tnese vesicles varied between 50 and 70 
nm. It could not be established whether these structures were 
actually coated vesicles, or whether they still had a connection 
with the membrane. 
DISTRIBUTION OF COATED PITS AND VESICLES ON THE PLASMA MEMBRANE 
The density of the coated pits and vesicles on the plasma 
membrane ( expressed as number of pits/square μηη ) of the 
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25 30 
nr. of polygons 
Fig. 3. Number of polygons per coated pit in cleaved root hairs 
of Equisetum. 
different plant cells is presented in table T. Although the 
density varied greatly from cell to cell, within one cleaved 
surface the density was constant. 
Root hairs 
Pit density was measured in the expanding tip and the non-
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Fig. 4. Cleaved root hairs of Equisetum hyemale, showing the 
differences in density between growing and non-growing hairs, -a. 
tip region of a growing hair. -b. tube of a growing hair. -c. 
tube of a full grown hair. Bar. 25 0 nm. 
expanding tube of growing and fully grown root hairs of Equisetum 
hyemale. The density was usually higher in growing root hairs 
(0.3 - 4.5 pits/square pm) than in full grown hairs (0.1 - 0.6, 
see also fig. 4). Furthermore, there tended to be more pits in 
the extreme tip than in the tube of the growing hair (2.5 - 4.5 
pits/square μτη and 0.3 - 3.4 pits/square pra respectively ). 
Meristematic and cortex cells 
In young meristematic cells of Raphanus there tended to be more 
153 
pits per square um than in differentiated cortex cells ( 0.5 
1.3 pits/sq. pm and 0.5 - 0.6 pits/sq. μιη resp. ). In menstema-
tic cells pit density was less variable than in elongated cortex 
cells. In the cortex cells of the three species used, comparable 
values were found. 
Protoplasts 
The density of coated pits was also highly variable in freshly 
prepared protoplasts ( 0.6 - 2.0 pits/square μιη membrane ). 
Large patches of coated membrane, as described by VAN DER VALK 
and FOWKE ( 1981 ) were never observed. 
SPECIES CELL TYPE 
Equisetum root hairs (growing tip) 
Equisetum root hairs (growing, tube ) 
Equisetum root hairs (full grown) 
Raphanus meristematic 
Raphanus cortical (elongated) 
Limnobium cortical (elongated) 
Ceratopteris cortical (elongated) 
Nicotiana protoplasts 
Table I. Density of coated pits and vesicles on the plasma-
membrane of different plant cells. Surfaces of 20 - 203 square 
pm per cell were measured. N: number of cells. Density: given 
as number of coated pits and vesicles per square pm. 
DISCUSSION 
ULTRASTRUCTURE OF COATED MEMBRANES 
In all the cells examined, membrane associated coated pits and 
vesicles showed the typical polygonal arrangement of the coat 
proteins. The dimensions of the polygons were identical to those 
NUMBER 
4 
18 
1 1 
6 
7 
3 
5 
1 5 
DENSITY 
2 . 5 
0 . 3 
0 . 1 
0 . 5 
0 . 5 
0 . 7 
0 . 3 
0 . 6 
-
-
-
-
-
-
-
_ 
4 . 5 
3 . 4 
0 . 6 
1 . 3 
0 . 6 
1 . 2 
0 . 9 
2 . 0 
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reported for protoplasts and animal cells ( e.g. NEWCOMB, 1981; 
PEARSE and BRETCHER, 1981; DOOHAN and PALEVITZ, 1980 ). The dia-
meter of the coated pits and vesicles had the same range in all 
plant cells studied and comparable values have been reported for 
numerous plant cells ( NEWCOMB, 1980; DOOHAN and PALEVITZ, 1980; 
VAN DER VALK and FOWKE, 1981; FOWKE, 1985 ). This is in contrast 
with animal cells, which show great differences in pit and 
vesicle size, varying from about 30 to several hundreds of poly-
gons ( HEUSER, 1980; PEARSE and BRETCHER, 1981 ). This could mean 
that coated pits have a more restricted role in plant cells. 
Large patches of coated membrane have occasionally been observed 
on the plasma membrane of protoplasts ( VAN DER VALK and FOWKE, 
1981; FOWKE et al. 1983 ). However, such coated fields may have 
resulted from the contact between the plasma membrane and the 
surface of the carrier grid as has been suggested for animal 
cells ( HARRISON and KIRCHHAUSEN, 1983 ). 
DENSITY OF COATED MEMBRANES 
In this study we have used plasma membranes showing different 
rates of expansion. Despite the high variability in pit density, 
it is clear that the membranes of expanding cells contain more 
pits than membranes of non expanding cells. In addition, since 
high pit frequencies were observed in the non-expanding tube of 
root hairs, pit density does not solely depend on membrane exten-
sion (see also: FOWKE et al. 1983). 
The large differences in pit frequency between individual growing 
root hairs ( see table I ) can be explained in a number of ways. 
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It is possible that they reflect a periodicity in cell activity 
(e.g. speed of growth). Secondly, their might be different zones 
in the plasma membranes or a smooth gradation in pit density from 
the tip to the base of the hair. 
COATED VESICLE FORMATION 
KANASEKI and KADOTA ( 1969 ) originally postulated that coated 
vesicles are formed from pits by the rearrangement of the 
clathrin molecules. However, the properties of clathnn in vitro 
do not support such a model and suggest that both pentagons and 
hexagons ( and thus curvature ) are built in directly ( HARRISON 
and KIRCHHAUSEN, 1983; CROWTHER and PEARSE, 1981 ). Likewise we 
have observed very small pits consisting of only a single 
pentagon (compare: fig. lb ). 
We always observed smooth gradations in pit size on the plasma 
membranes. This could mean that the pits are gradually formed on 
the membrane surface by the addition of individual coat subunits 
as has been proposed for animal cells ( HEUSER, 1980 ). 
FUNCTION OF THE COATED PITS 
In previous studies it was concluded, that coated vesicles on the 
plasma membrane originate from the dyctyosomes and function in 
the transfer of both membrane and cell wall precursors ( for 
reviews: 1974; NEWCOMB, 1981; MERSEY et al. 1985 ). However, pit 
density in root hairs and cortex cells decreases with cell expan-
sion, whereas cell wall synthesis continues ( cf. EMONS and 
WOLTERS-ARTS, 1983; chapter 5 ). This is clearly an arguement 
against a role of coated pits on the plasma membrane in wall 
synthesis. 
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Several other observations support an endocytotic role for the 
coated membranes on the plasma membrane: 
-protoplasts are able to take up cationic ferritin via the 
coated membrane system ( TANCHAK et al. 1984; JOACHIM and 
ROBINSON, 19 84 ). 
-Golgi associated vesicles of plant cell protoplasts are general-
ly smaller than coated vesicles lying close to the membrane, 
suggesting that there are two distinct populations ( VAN DER 
VALK and FOWKE, 19 81 ). 
-Coated vesicles play a role in extensive endocytosis of the 
plasma membrane upon wounding of thp green alga Boergesenia 
(O'NEIL and LA CLAIRE, 1984). 
-Coated pits on the plasma membrane of animal cells only 
function in endocytosis ( e.g. PEARSE and BRETCHER, 1981; 
HEUSER, 1981). Coated vesicles appear to shed their coat guickly 
after formation ( PEARSE and BRETCHER, 1981 ). It has even been 
shown that the presence of the coat inhibits fusion of the 
vesicles with other membranes (ALTSTEIL and BRANTON, 1983). For 
plant cells this probably is also true ( TANCHAK et al. 1984; 
JOACHIM and ROBINSON, 1984 ) . 
These observations strongly suggest that coated pits on the 
plasma membrane mainly function in endocytosis. They may take up 
specific molecules which penetrate the cell wall or play a role 
in the recycling of membrane bound proteins. Also, they may 
represent an important mechanism for retrieval of excess membrane 
( see also MERSEY et al. 1985; FOWKE et al. 1985 ). Coated 
vesicles are probably formed in a very short time. For animal 
cells it was concluded that coated pits have a lifetime of less 
than a minute ( PEARSE and BRETCHER, 1981 ) and the results of 
TANCHAK et al. ( 1984 ) indicate that the same is true for plant 
cells. After 10 seconds of exposure to cationized ferritin they 
observed labelled coated vesicles in protoplasts. Assuming that 
each vesicle is formed in 30 - 60 sec. and given the mean dia-
meter of the naked vesicles ( about 60 nm ), the rate of plasma 
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membrane retreival can be calculated. Given a density of 2 pits 
j sr square micron ( tuoe of growing hairs, menstematic cells, 
protoplasts ) the cell could retrieve its entire plasma membrane 
in 20 - 40 mm. Given a density of 0.7 pit per square micron ( 
non growing cells ), this could be achieved in 60 - 115 mm. It 
seems contradictory tnat endocytotic activity is higher in ex­
panding cells. However, for growing pollen tubes for example it 
was calculated, that an enormous excess of membrane was transpor­
ted to the growing tip ( PICTON and STEER, 1981 ). This excess of 
exocytosis could very well be counterbalanced by an uptake via 
coated membranes. 
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V I SUMMARY - SAMENVATTING 

SUMMARY 
In tPis thesis the role of the cytoskeleton in plant cell growth 
and morphogenesis was studied. The mam objective has been to 
describe the structural changes in the microtubular and 
microfilamentous systems occurring during growth and 
differentiation of plant cells. Furthermore the relation of the 
cytoskeleton with the cell wall - being the external skeleton of 
the cell - was studied. For this purpose differentiating root 
cells, pollen tubes and protoplasts were used. 
Fluorescence techniques were used to visualize microtubules and 
microfilaments at the light microscopical level. For electron 
microscopy a whole mount technique, dry cleaving, was adapted for 
plant cells (chapter 2) allowing the study of the integral 
cytoskeleton and the cell wall. This method is suitable for 
quantitative electron microscopy and can also be used, in a 
slightly modified form, for immunolabelling at the electron 
microscopical level (chapter 3). 
Chapters 4 and 5 describe the microtubular system in differen-
tiating root cortex cells of a number of plant species. In men-
stematic cells -at interphase- microtubules are relatively short, 
running approximately perpendicular to the axis of expansion. 
In elongated cortex and epidermal cells the length of the 
microtubules increases, whereas their density decreases. The 
direction of the microtubules changes, which results in highly 
variable helical patterns. The results suggest that there are two 
possible ways for these helical arrays to rearrange (chapter 5): 
-firstly, stable microtubules could rearrange into another confi-
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guration, involving intermicrotubule sliding. 
-secondly, new arrangements could be formed by a sequence of de-
and repolymerization 
Shadow casting of cleaved cells allows the examination of 
microtubules and nascent microfibrils in the same cell (chapter 
5). Such preparations show that in cortex cells microtubules 
often are parallel to the last deposited microfibrils. The re-
sults allow a function of the microtubules in orienting the 
cellulose microfibrils, although the observations do not fit in 
the existing hypotheses. 
Chapter 6 describes the microtubular organization in root hairs, 
which are tip growing cells. In root hairs of many species 
microtubules are found in net axial directions. In the extreme 
tip, also random patterns are observed. The arrangement of the 
microtubules is independent of the microfibril texture of the 
cell wall (chapter 7) in these hairs. Associations between 
organelles and microtubules indicate that the latter are involved 
in cytoplasmic organization. However, root hairs of Allium show 
helical patterns of both microtubules and microfibrils (chapter 6 
and 7) pointing at a relationship between these two elements. 
In chapter 9 the microtubular system is described in another tip 
growing cell, the pollen tube. In the growing pollen tube micro-
tubules are usually found m net axial orientations. However, 
occasionally also helical patterns are observed. Microtubules 
probably are not involved in cell wall synthesis, as microfibrils 
are only deposited in random textures. 
Drug treatments show that growth and morphogenesis are abnormal 
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in absence of the microtubules. Moreover, the microfilament 
inhibitors phalloidin and cytochalasin В also affect microtubule 
orientation, suggesting that microfilaments are involved in the 
orientation of the microtubules. 
Finally,the microfilamentous system in differentiating root cells 
is studied in chapter 8. In iieristeroatic cells microfilament 
bundles are only present during interphase when they are most 
prominent around the nucleus. During cell division the presence 
of actin can only be demonstrated in the phragmoplast. During 
elongation of epidermal and cortex cells actin bundles are 
present throughout the cytoplasm having a net longitudinal orien­
tation After elongation filament bundles maintain their arrange­
ment and form a network which has obvious associations with the 
nucleus and the plasma membrane. In cortex cells microtubules and 
microfilaments have completely different arrangements. In many 
tip growing root hairs however, both elements are oriented 
axially. 
In the cell types studied the pattern of microfilament bundle·? 
resembles the pattern of plasma streaming. Therefore it is 
concluded that microfilament bundles mainly function in 
cytoplasmic organization and transport. In many root hairs they 
might exert their function m cooperation with microtubules. 
Chapter 10 describes the morphology and occurrence of coated pits 
in growing and not growing plant cells. The density of the pits 
and vesicles is highly variable. However, more coated membranes 
are present in growing cells. Several observations, including 
those presented here suggest that coated pits on the plasma nem-
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brane function in membrane turnover, retrieving excess membrane 
deposited by exocytosis. 
The results described in this thesis show that the cytoskeleton 
is highly dynamic during growth and differentiation, as length, 
density and orientation of the filamentous systems change 
continuously. Both nicrofilaments and microtubules are apparently 
involved in the distribution of cytoplasmic and membrane 
components. At least in root hairs microtubules are probably not 
directly involved in orienting the cellulose microfibrils. 
SAMENVATTING 
Het cytoplasme van alle eukaryotische cellen bevat een drie 
dimensionaal netwerk van eiwitfilamenten dat het cytoskelet wordt 
genoemd. De drie belangrijkste filamentsystemen worden gevormd 
door de microtubuli, de microfilamenten en de intermediare fila-
menten. Het cytoskelet bepaalt in belangri]ke mate de fysisch-
chemische eigenschappen van de cel en is betrokken bi] processen 
als bewegingen van cellen, endo- en exocytose, groei, morfogenese 
en de ruimtelijke verdeling van het cytoplasma. 
Dit proefschrift handelt over de rol van het cytoskelet in de 
groei en differentiatie van plantecellen. De belangrijkste doel-
stelling van het onderzoek was om een beschrijving te geven van 
veranderingen die kunnen optreden in de ruimtelijke verdeling van 
het cytoskelet gedurende de morfogenese. In het bijzonder werd 
aandacht besteed aan de relatie van het cytoskelet met de celwand 
die over het algemeen wordt beschouwd als de primaire morfogene-
tische factor in de plantecel. Bij het onderzoek werd gebruik 
gemaakt van differentiërende wortelcellen , pollenbuizen en 
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protoplasten. 
Op lichtmicroscopisch niveau werd de ruimtelijke verdeling van 
microtubuli en microfilamenten bestudeerd met behulp van immuno-
fluorescentie. Voor het electronenmicroscopisch onderzoek werd 
een 'whole mount' techniek, droogklieven, aangepast voor plante-
cellen. Deze methode ( hoofdstuk 2 ) maakt het mogelijk om het 
integrale cytoskelet, maar ook de microfibrillen in de celwand 
van een groot aantal plantecellen te bestuderen. De methode is 
zeer geschikt voor kwantitatieve analyse en kan tevens - in een 
iets gewijzigde vorm - worden gebruikt voor immunogoudlabeling 
(hoofdstuk 3 ). 
De hoofdstukken 4 en 5 beschrijven het microtubulaire systeem in 
differentiërende cellen van de wortelcortex. In meristematische 
cellen (in interfase) zijn microtubuli relatief kort (gemiddeld 
ongeveer 1 pm) en lopen zij in bundels loodrecht op de expansie-
richting van de cellen. Deze situatie blijft ongewijzigd 
gedurende de zeer snelle celstrekking. In gestrekte cortexcellen 
is de gemiddelde lengte van de microtubuli toegenomen, terwijl de 
dichtheid is afgenomen. Hun oriëntatie is veranderd en zij zijn 
gerangschikt in helicale patronen met zeer variabele hoeken. Er 
lijken twee manieren te zijn waarop het microtubulaire systeem 
kan worden gereonenteerd : 
-ten eerste kunnen stabiele microtubuli door middel van 
'sliding' van oriëntatie veranderen. 
-ten tweede kan reonentatie worden verkregen door een 
opeenvolging van de- en repolymerisatie van het gehele systeem. 
Het schaduwen van gekliefde cellen met platina/kool maakt het 
167 
тодеіізк от zowel de microtubuli als de microfibrillen van de 
celwand tegelijkertijd zichtbaar te maken in dezelfde cel 
(hoofdstuk 5). Dergelijke preparaten laten zien dat microtubuli 
in een meerderheid van de cortexcellen parallel lopen met de 
laatst afgezette microfibrillen. De resultaten ondersteunen de 
opvatting dat microtubuli betrokken zijn bij het richten van de 
cellulose microfibrillen, hoewel de waarnemingen moeilijk passen 
in bestaande modellen. 
In hoofdstuk 6 wordt het microtubulaire systeem in wortelharen 
beschreven. Wortelharen groeien, in tegenstelling tot cortexcel­
len, slechts aan de top. De wortelharen vertonen gewoonlijk 
axiale microtubuli. Alleen in de uiterste top komen zij ook voor 
in andere richtingen. Deze rangschikking is onafhankelijk van de 
richting waarin de microfibnllen worden afgezet (hoofdstuk 6 en 
7). Microtubuli lijKen daarentegen voor te komen in associatie 
met organellen en plasmastr^ngen en zijn hier vermoedelijk 
betrokken bij de ruimtelijke verdeling van het cytoplasma. 
Wortelharen van Allium vertonen een afwijkend microtubulair 
skelet. In deze cellen worden variabele, helicale patronen 
gevonden evenals in cortexcellen. Deze patronen kornen overeen met 
de rangschikking van de microf ibnl len in de celwand, zodat hier 
wel een relatie tussen beide elementen kan bestaan. 
Hoofdstuk 9 beschrijft het microtubulair systeem in een andere 
cel met topgroei, de pollenbuis. In de groeiende pollenbuis 
worden microtubuli gewoonlijk gevonden in axiale richting, hoewel 
ook helicale patronen worden gevormd. Aangezien de microfibnllen 
in de celwand in willekeurige richtingen worden afgezet, zijn de 
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nucrotubuli ook in deze cellen vermoedelijk niet betrokken bi] de 
oriëntatie van de fibrillen. Behandeling van de pollenbuizen met 
remmers die aangrijpen op het cytoskelet laten zien, dat de groei 
en de morfoqenese van de pollenbuis abnormaal verlopen indien 
microtubuli worden afgebroKen. Cytochalasine В en Phalloidme, 
stoffen die aangrijpen op het microfilament systeem, blijken 
eveneens de oriëntatie van de microtuouli te beïnvloeden. Dit 
suggereert dat microfilamenten betrokken zijn bij de opbouw en 
samenhang van het microtubulaire systeem. 
Hoofdstuk 8 beschrijft het microfilament systeem in differen-
tiërende wortelcellen. In meristematische cellen zijn microfi-
lamentbundels alleen aanwezig gedurende interfase. Zij komen voor 
in het hele cytoplasma, maar zijn vooral geconcentreerd rondom de 
kern. Gedurende de celdeling kan de aanwezigheid van actine 
alleen worden aangetoond m de fragmoplast. Gedurende de cel-
strekking liggen de meeste bundels in de lengterichting van de 
cel. In gedifferentieerde cortex- en epidermiscellen blijft deze 
oriëntatie ongewijzigd en vormen de bundels een netwerk met 
duidelijke verbindingen met de kernenvelop en de plasmamembraan. 
In cortexcellen lijkt er geen enkel verband te bestaan tussen de 
organisatie van de microtubuli en de microfilamentbundels. In 
wortelharen daarentegen zijn beide cytoskeletelementen in axiale 
richting georiënteerd. 
In de bestudeerde cellen lijkt de verdeling van de 
microfilamenten sterk op het patroon van plasmastroming. Het is 
daarom waarschijnlijk dat actinebundels met name functioneren in 
de ruimtelijke verdeling van het cytoplasma. In cellen met 
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topgroei zou dit kunnen gebeuren m samenwerking met de microtu-
Ъиіі. 
In hoofdstuk 10 worden de morfologie en verdeling besproken van 
'coated pits' en 'coated vesicles' ορ de plasmamenbraan.Deze 
functioneren m dierlijke cellen in de receptorgestuurde endocy-
tose. De eiwitten van de 'coat' vormen typische polygonale 
patronen op de plasmamembraan en kunnen in principe beschouwd 
worden als cytoskeletelenenten of daaraan geassocieerde eiwitten. 
In plantecellen is de dichtheid van 'coated pits' zeer variabel. 
In groeiende cellen komen zi] echter frekwenter voor. 
Verschillende waarnemingen wijzen erop dat 'coated pits' op de 
plasmamembraan van plantecellen een functie vervullen in membraan 
'recycling'. Zi] zouden verantwoordelijk zijn voor de opname van 
de overmaat aan membraan die met name in groeiende cellen wordt 
afgezet. 
De resultaten die worden beschreven in dit proefschrift laten 
zien dat ook in plantecellen het cytoskelet grote veranderingen 
ondergaat, die nauw gerelateerd zijn aan groei en morfogenese. 
Hierbij lijken zowel nicrotubuli als microfilamenten betrokken te 
zijn bij de ruimtelijke ordening van het cytoplasma en membraan 
componenten. Microtubuli lijken niet in alle cellen betrokken te 
zijn bij de oriëntatie van de cel lulosemicrof ibnllen in de 
celwand. Daarom is een herziening van bestaande opvattingen om-
trent de functie van het cytoskelet in celwandafzetting noodzake-
lijk. 
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THE CYTOSKELETON IN PLANT CELL GROWTH, DIFFERENTIATION 
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I 
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II 
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Ill 
Indien intermediaire filamenten ook in plantecellen deel 
uitmaken van het cytoskelet, is het waarschijnlijk dat zij ultra­
structureel verschillen van intermediaire filamenten in dierlijke 
cellen. 
IV 
De multmetgroei theorie van Roelofsen en Houwink voor de re­
orientatie van cellulose microfibrillen in de celwand is onvol­
doende onderbouwd. 
Roelofsen, P., Houwink, Α., 1953. Acta Bot. Neerl. 2, 218-225. 
V 
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van de microtubuli relateert aan de oriëntatie. Dit strookt niet 
met de waarnemingen. 
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endocytotisch. 
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VIII 
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IX 
De extra steun die Z.W.O. geeft aan biotechnologisch onderzoek 
is, hoewel op zich terecht, in tegenstelling met de grondbegin-
selen van de organisatie. 
X 
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XI 
Wie niet zoekt die vindt. 
XII 
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